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 Microsystems targeted for DNA sequencing, especially those focused on electrophoretic 
separations, are rapidly proving their viability to genomic research, mimicking the progress made 
when capillary electrophoresis developed from miniaturizing slab gel electrophoresis techniques.  
Being the more recent electrophoretic separation platform, the commercial availability of 
microchip electrophoresis devices remains relatively limited.  To this extent, high-aspect ratio 
microstructures formed in thermo plastics have been developed using rapid fabrication methods 
from molding tools designed for mass replication of high-aspect ratio microfeatures.   
 In this work, the choice and compatibility of poly(methylmethacrylate) (PMMA) – the 
primary substrate for DNA separations in this work – was investigated for use with our 
fluorescence lifetime detection instrument.  The accuracy and precision of the fluorescence 
lifetime values of dye-labeled primers used for construction of single-stranded DNA (ssDNA) 
sequencing tracts was determined to discern the influence of PMMA as a substrate material to 
the discrimination method.  The separation performance of ssDNA was evaluated for potential 
use of the polymer-based microchip electrophoresis devices as a platform for rapid, high-
throughput DNA sequencing.  To enhance these separations, a scheme to modify the surface of 
PMMA employing chemical and photochemical methods was developed.  Once optimized, a 
linear polyacrylamide-modified PMMA surface demonstrated an electroosmotic flow, which 
varied from chip to chip, lowered by two orders of magnitude and demonstrated increased 
efficiencies for the separation of ssDNA fragments.   
 As part of a modular system for the analysis of DNA material being developed in our 
labs, a purification device fabricated in polycarbonate was used to reversibly immobilize DNA 
sequencing fragments.  The purified ssDNA was collected and analyzed by capillary 
 xvii
electrophoresis to evaluate the device’s efficiency in removal of contaminants from fragments 
constructed with dye-labeled primers.  One significant result showed the necessity for a down-
stream concentration method.  Thus, we have investigated the use of a thermally responsive 
polymer, poly-N-isopropylacrylamide (pNIPAAm) grafted onto the surface of PMMA to serve 
as a concentration medium for the purified fragments.  Results suggest pNIPAAm will be 
effective in concentrating and releasing fragments when changing the temperature from above its 
critical temperature (32°), where it exhibits a hydrophobic nature, to below it where it becomes 
hydrophilic. 
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Chapter 1  
Analyzing DNA:  Sequencing Strategies and Detection Methods 
 
 
 In 1869, before anyone understood what DNA or deoxyribonucleic acid was or what role 
it had in the formation of life, a Swiss physician, Friedrich Miescher, discovered DNA after 
isolating the material through a series of acid precipitations and gave it the name of nuclein, later 
changed to nucleic acid.1, 2  A team of scientists, in 1944, deemed this “molecule” responsible for 
dictating all genetic information.2, 3  After only a few years, the 1953 discovery of James Watson 
and Francis Crick became the world-wide standard amongst scientists for what the molecule 
DNA looked like.4  Their proposed model indicated that DNA consisted of a double-stranded 
chain composed of a phosphate group, and one of four deoxyribonucleosides.  Each 
deoxyribonucleoside was composed of a deoxyribose sugar unit and a single nucleoside; either 
adenine (A), cytosine (C), guanine (G) or thymine (T) (see Figure 1.1).  Adenine and guanine 
were grouped into a class of molecules known as purines, while thymine and cytosine were 
grouped into the class of pyrimidines.  The team determined that a specific binding sequence was 
constant throughout the structure, specifically, adenine would predominantly bind to thymine 
and cytosine to guanine. 
 For decades, this model was accepted as the cornerstone for the scientific understanding 
of DNA.  Yet to fully understand how DNA specifically dictated all biological functions, the 
order, or sequence, of these four bases would need to be determined.  This would prove to be 
difficult, since there are approximately three billion bases present in the 23 pairs of 
chromosomes comprising the entire human genome.  In 1985, the idea of undertaking the 
sequencing of the human genome was proposed, and in 1990, the Human Genome Project (HGP) 
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was initiated in the United States.5  As technology increased, genomes of several bacteria such as 
H. influenzae,6 E. coli,7 and M. tuberculosis8 along with small organisms such as baker’s yeast,9 
roundworm10 and the fruit fly11 were completely sequenced, aiding in the expertise needed to 
sequence the human genome within the 15 year timeline outlined for the HGP.  The initiative 
was ultimately successful, resulting in a release of the first draft of the human genome sequence 
in October 2000.  In February 2001, Nature and Science simultaneously released reports 
detailing the project findings of both the public12 and private13 sectors, respectively. 
 Armed with this information, scientists can now begin delving into medicinal benefits of 
this knowledge, by providing an understanding of the pathways and effects genetic irregularities 
have on abnormalities; thus resulting in detection and actual solutions to diseases and disorders 
affecting humans worldwide.  An initial challenge was to complete a finished sequence of the 
genome to provide actual reference information for genome databases.  In drafting the human 
genome sequence, scientists compiled the order of base pairs by repetitively analyzing fragments 
approximately 10,000 base-pairs in size and afterwards assembling the fragments with some 
degree of certainty into an approximate location within its original chromosome; the genome was 
interrupted by ~150,000 gaps.  The finished draft produced a sequence containing the precise 
location of each fragment in the genome and reduced the number of errors to one per every 
100,000 bases over ~99% of the genome; the remaining fragments comprised only 341 gaps in 
the 2.85 billion nucleotide sequence.14  A remaining challenge to realizing the true benefits of 
genomic analysis is that faster, less expensive and highly reliable sequencing methods must be 
developed and incorporated into routine detection methods.  To this extent, the National 
Institutes of Health (NIH) released requests for applications or RFAs to entice researchers to 
develop new technologies to sequence the human genome for under $100,000 in the next five 
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years15 and under $1,000 within ten years16 – the current cost of sequencing an entire genome is 
roughly $10 – 50 million.17 
 This chapter will provide detailed insight into several DNA sequencing strategies, 
including basic information such as the structure and formation of the biopolymer chain.  
Traditional methods for determining the ordering of bases will be discussed, while newer 
techniques will be explored as well.  Finally, detection methods for analyzing DNA material will 
also be discussed.   
1.1  Structure of DNA 
 A molecule of deoxyribonucleic acid, though complicated in its entirety, is composed of 
rather simplistic bonds.  DNA primarily consists of two polymer chains of deoxyribonucleotides, 
which are bound together by a hydrogen bond between each set of complementary bases.  Each 
nucleotide base exists as a separate unit having its own deoxyribose residue and a phosphate 
group.  Figure 1.1 illustrates the deoxyribose sugar unit and the four nucleosides.  The four 
nucleic acids (nucleosides) are grouped into two classes of molecules, pyrimidines and purines.  
Cytosine and thymine are in the pyrimidine class having a basic structure consisting of two 
nitrogen atoms in a single, conjugated double bond ring.  Adenine and guanine are in the purine 
class having an imidazole ring fused to the pyrimidine.   
 The nucleosides form a moiety with a deoxyribose sugar unit through a β-N-glycoside 
bond between the C-1 of the sugar unit and either the N-1 group of pyrimidines or the N-9 group 
of purines (see Figure 1.1 for atom assignment).  The hydroxyl group at the C-5 group can be 
converted to a phosphate ester, at which point the three units together form a 
deoxyribonucleotide (nucleotides).  This unit then links to form a polymer chain via a 
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Figure 1.1 Chemical structures of deoxyribose sugar unit with labeled carbon atoms and four 
nucleoside bases:  cytosine, thymine, adenine, and guanine.  
 
 
(3’- carbon) of the next deoxyribonucleotide unit.  In this manner, the molecule forms through a 
backbone or a continuous linkage of C-5 – C-3 (5’→3’) phosphodiester linkages.  The end of the 
linear polymer having no nucleotide linked to the 5’-carbon is said to be the 5’-end while the 














































itself to some directionality in reading the chain from one terminus to the other, with the forward 
direction always denoted as 5’→3’.  
 DNA gets its double helical shape from the bonding of the nucleotide bases from one 
chain with those of the other.  In a molecule of DNA, the two linear polynucleotide chains are 
oriented anti-parallel to each other as demonstrated in Figure 1.2, with one chain oriented in the 
5’→3’ direction, and the anti-parallel chain in the 3’→5’ (reverse direction).  The ordering of the 
nucleotide bases from the 5’-chain is complementary to the order of the bases in the 3’-chain.  If 
a planar structure of the molecule is imagined, it would be similar to a ladder, with the nucleotide 
bases forming the steps, and the sugar-phosphate backbone holding the steps together.  The 
helical formation is partly the result of the simple hydrogen bonding between the nucleotide 
bases.  Based on their structures and the specific binding affinity of each, it is noticed that 
guanine and cytosine are bound through three hydrogen bonds, while adenine and thymine are 
bonded through two hydrogen bonds; complementarity is gained specifically from this purine-
pyrimidine pairing.  Other pairing possibilities are strictly forbidden.  Guanine-thymine and 
adenine-cytosine bonds would result in mismatches because the pattern of hydrogen acceptors 
and donors do not correspond.  The close proximity of guanine-adenine (purine) molecules 
bound together is energetically unfavorable, while thymine-cytosine (pyrimidine) bonds are 
energetically unfavorable since the molecules would be too far apart for hydrogen bonding.   
1.2  Sequencing Methods for Determining the Order of DNA Bases 
 Since DNA forms an ordered polymer, the challenge comes in determining the order in 
which the bases are positioned along either of the polymer chains, or determining the primary 
structure.  To this extent, sequencing methods are employed, in which gel electrophoresis is the 
general method for separation.  Prior to electrophoresis, which will be discussed later in detail,  
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Figure 1.2 Structure of a double stranded DNA molecule. Nucleotide bases from the 5’→3’ 
linear polymer chain (left) are bonded to complementary bases on the 3’→5’ anti-
parallel chain (right) through hydrogen bonds, [dashed lines (- -)].  Cytosine (C) 
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the size of the DNA molecule must be reduced to an appropriate length for analysis.  Typically, 
the order of nucleotide bases can be determined for fragments less than a thousand base pairs in 
length using conventional separation techniques, thereby reducing the necessary fragment length 
to only a few hundred base pairs.  An initial fragmentation is accomplished by employing 
restriction enzymes (endonucleases) that recognize specific sequences in double-stranded DNA 
and cleaves those sites.  These fragments can be successively cleaved multiple times if further 
fragmentation is desired.  Alternatively, DNA molecules can be randomly broken into smaller 
fragments through mechanical shearing.  These smaller fragments must be then be amplified to 
produce multiple copies of the DNA fragments prior to sequencing.  This is typically 
accomplished by inserting the DNA fragments into plasmids, yeast artificial chromosomes 
(YAC), or bacterial artificial chromosomes (BAC) to construct genomic libraries.  Fragments of 
interest, usually those containing genes, are then sub-cloned into M13 vectors to produce specific 
single-stranded DNAs.19  Subsequently, the resulting fragments can be used as templates for 
generation of DNA strands with single-base differences in length by either the Maxam-Gilbert 
method or the Sanger chain termination method.   
1.2.1  Maxam-Gilbert Sequencing:  Chemical Cleavage Method 
 The Maxam-Gilbert sequencing method employs chemical cleavage of DNA strands to 
dissociate nucleotide bases, after which the cleaved fragments are sorted based on size 
differences.20  Separate chemical reactions are employed which are base specific, generating a 
set of nested fragments which end at every position of that particular base.  For each reaction, a 
chemical modification of a single base dissociates the base from its sugar, after which the 
exposed bonds of the sugar are broken, removing it from the DNA backbone.  The initial 
modification is either purine or pyrimidine specific, resulting in strands with guanine/adenine 
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cleavages or cytosine/thymine cleavages.  To differentiate the two bases within each set, a 
subsequent reaction is carried out for adenine-enhanced cleavage and cytosine-enhanced 
cleavage.  The fragments are then separated by gel electrophoresis, and as depicted in Figure 1.3, 
the presence and/or absence of a band in a reaction lane indicates the base location. 
  
Figure 1.3 Depiction of a gel pattern obtained after separating DNA sequencing fragments.  
This method involves the Maxam-Gilbert sequencing method for cleaving 
nucleotides within a strand of template DNA.  The presence and/or absence of a 
band within each lane determines the sequence of the DNA, where the shorter 
fragments appear at the bottom of the gel; fragment sequence is given for adenine. 
 
 
Initially, DNA samples are separated into four individual reactions, one for each of guanine, 
adenine + guanine, cytosine and cytosine + thymine with each strand labeled with 32P at one end, 
usually the 5’ end, for detection.  In the guanine and adenine + guanine reaction vessels, the 
purine bases are reacted with dimethyl sulfate to chemically damage only the adenine and 
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removing its sugar.  This reaction is preferential to guanine, since the methylation proceeds five 
times faster, producing strong bands for guanine and faint bands for adenine.  A secondary  
reaction involving a purine mixture is reacted further with a dilute acid to enhance the cleavage 
at adenine sites and produce stronger bands.  Similarly, pyrimidines are reacted with hydrazine to 
damage cytosine and thymine bases prior to complete cleavage by piperidine.  A subsequent 
reaction exposes the pyrimidine mixture to NaCl, which suppresses cleavage of thymine, 
resulting in cleavage of only C bases.  These reactions are limited, damaging only one residue for 
every 50 to 100 bases, creating a nested set of fragments with all possible fragments available 
within the reaction, each differing in length by only one base.  Each of these separate reactions 
are loaded onto parallel lanes of a polyacrylamide gel, and compared with its complementary 
lane to positively identify the eluting nucleotide base on the gel pattern obtained.  As can be seen 
in Figure 1.3, a separation lane is represented for guanine and adenine cleaved fragments (G+A), 
guanine only, cytosine and thymine cleaved fragments (C+T), and cytosine only.  Since the 
fragments are size sorted, with the lengths determined by the distance from the detection marker 
(32P) to the cleaved based, the shorter fragments will be at the bottom edge of the gel.   
1.2.2  Sanger Sequencing:  Chain Termination Method 
 An alternative method for producing a random set of DNA fragments for determination 
of the nucleotide sequence of the primary strand is the Sanger sequencing method.21  This 
technique involves the use of a polymerase enzyme to make a complementary strand to the DNA 
template while incorporating modified deoxyribonucleotides in order to terminate the chain 
polymerization at one of four nucleotide bases; thus DNA fragments are formed by interrupting 
the enzymatic replication of the primary strand in a controlled manner.  The modified base unit is 
composed of a deoxyribonucleotide (dNTP) having the hydroxyl group at the 3’ carbon 
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substituted by hydrogen (Figure 1.1), after which it becomes a dideoxyribonucleotide (ddNTP).  
Since the polymerase acts to incorporate the template’s complementary base, in a mixture of 
dNTPs and ddNTPs, a modified base will be included into the chain formation.  At this point, 
chain formation will cease, since no hydroxyl group is present for further polymerization at the 
3’ position.  By having a necessary ratio of dNTPs and terminating ddNTPs, relative certainty 
that all possible fragments have been formed with a specific terminating base is achieved.  These 
fragments are later linearly amplified through a cycle sequencing reaction (Figure 1.4).  
 In the case of adenine bases, a given amount of ddATPs will be mixed with enough 
dATPs, dCTPs, dGTPs, and dTTPs to form a complementary strand to the template DNA once 
reacted with the polymerase enzyme.  Usually, a primer (an oligonucleotide, of 20-30 base pairs 
in length, complementary to some region along the DNA template) is incorporated into the 
reaction after being labeled for detection.  Heating the reaction initiates polymerase activity, 
beginning the extension of dATPs and the other three dNTPs to form a strand with a 
complementary sequence to the template.  At some point, a ddATP will incorporate into the 
sequence, terminating the polymerization of that fragment at this adenine location in the chain.  
Given the randomness of ddATP incorporation, all fragment sizes terminating in an A base will 
be constructed within this reaction, as demonstrated in Figure 1.4.  To obtain the full sequence of 
a DNA strand, four separate reactions are performed corresponding to the four terminating bases.  
In each reaction, the ddNTP added to the reaction dictates the terminating base.  
1.3  Electrophoretic Separation of DNA for Sequence Determination 
 Sequencing, as stated previously, is the method by which the order of nucleotide bases on 
the polymer chain is revealed.  DNA fragments, depending on the location in which a cleaved or 
terminating base resides along the chain, will have different chain lengths.  Once these nested set  
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Figure 1.4    Depiction of a gel pattern obtained after separating DNA sequencing fragments.  
The Sanger sequencing method is employed to terminate DNA fragments at a 
specific nucleotide.  The bands elute, with shorter fragments closer to the bottom 
edge of the gel.  The complete sequence obtained represents a compliment to the 
template DNA; the sequence shown is for fragments terminating at adenine bases.  
 
of fragments are obtained, a separation method is employed, commonly referred to as 
electrophoresis.  The differences in the fragment lengths provides a basis for separating the DNA 
fragments based on the length, or size of the individual polymer chains.   
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 Electrophoresis is defined as the movement of electrically charged particles or molecules 
in a conductive liquid medium under the influence of an electric field.22  Typically, the container, 
or platform in which electrophoresis is being performed has some surface charge on its walls.  
When an electric field is applied to a conductive medium, counter ions adjacent to charged ions 
on the wall of the separation platform will build up, forming a charged layer.  This layer is 
attracted towards the oppositely charged electrode, resulting in a bulk flow of the conductive 
medium.  Molecules or particles (analytes) are carried along with the current generated within 
the medium, with negatively charged molecules migrating towards the positive electrode 
(anode), and positively charged molecules migrating towards the negative electrode (cathode).  
Since the liquid medium is conductive as well, all non-charged or neutral analytes move towards 
the electrodes with the bulk flow, or the electroosmotic (electroendosmotic) flow of the charged 
medium.  This gives rise to three distinct zones or bands in which molecules will migrate.  
 Within these zones, compounds will be separated based upon the individual migration 
velocities, ν (cm s-1) of its ions.  This value is the result of the electrophoretic mobility, µe (cm2 
V-1 s-1) and the electric field, E (V cm-1) as given in the following relationship: 
ν  =  µe E  (1.1) 
The electrophoretic mobility is proportional to the ionic charge, q, of a particular analyte, as well 
as inversely proportional to frictional forces, f, of a molecule: 
f
q
e =µ  (1.2) 
 Therefore, in a mixture where particles are the same size, but possess different charges, the 
analytes will separate based upon their attraction to the electrodes.  In instances where the 
charges are the same, frictional forces acting upon analytes of different sizes and shapes will play 
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a role in separation.  During electrophoresis, these combined effects contribute to an analytes’ 
movement; hence, the migration is dependent upon the charge-to-size ratio.   
 The frictional coefficient is related to the size of the molecule, but its derivation depends 
upon the shape of the molecule as well.  In free solution, an analyte is modeled as a spherical 
molecule and the relationship between the size and f is given by Stokes’ law as:23 
    Rf πη6=   (1.3) 
where η is the solution viscosity and R is the radius of the spherical molecule.  However, DNA 
behaves as a free-draining coil in free solution, and Eq. 1.3 is no longer valid to relate the size or 
radius of the particle to f.  Rather the frictional coefficient of a free-draining coil has a 
proportional relationship to the mass of the molecule as: 
    0.1)MW(~f   (1.4) 
or in the case of DNA molecules: 
    Nf ~    (1.5) 
 where N is the number of base pairs in the DNA chain.  Thus as a free-draining coil, each base 
pair contributes evenly to the frictional force of the chain.  In addition, the total net charge of a 
DNA chain is directly proportional to its length, with two charges per base pair, giving: 
    Nq ~    (1.6) 
By substituting equations 1.5 and 1.6 into equation 1.2, we get the relationship: 





e ==µ  (1.7) 
indicating that the electrophoretic mobility is constant with changes in N.  Thus, DNA fragments 
will exhibit no differences in migration when traveling through a fluid medium.  
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 To capitalize upon the frictional forces retarding the motion of DNA chains based upon 
its fragment size, a sieving matrix typically is employed.  These matrices are usually cross-linked 
gels or entangled polymers (i.e. agarose and acrylamides) and the pore sizes formed within these 
gels provides a medium through which migration of DNA fragments can be retarded based upon 
their individual length.  Electrophoretic size separation is achieved in one of three formats:  slab 
gel electrophoresis, capillary electrophoresis, or microchip electrophoresis.  Each of these 
techniques possess unique characteristics, which have been optimized for successful separation 
of DNA molecules.   
1.3.1 Electrophoretic Separation Platforms  
 Slab gel electrophoresis has traditionally been the preferred method for separating DNA 
fragments as well as other biomolecules.  A slab gel consists of a cross-linked polymer network 
that has been cast between two glass plates spaced ≤ 2 mm apart.  To form reservoirs, combs are 
inserted between the glass plates during casting, forming wells as demonstrated in Figure 1.5.  
After polymerization, the gel is either completely submerged in a buffered solution or the ends of 
the plate are submerged in buffer reservoirs.  Samples are loaded into the recessed wells with 
loading volumes generally between 1-10 µl.  An electric field is applied between the electrodes, 
and analytes migrate in the direction of the electric field, which is typically from cathode 
(ground) to anode (positive high voltage).  Due to poor heat dissipation of slab gels, electric 
fields usually are limited to < 100 V/cm.  However, one advantage of employing slab gels is the 
high throughput capacity – samples can be analyzed in 96 parallel lanes simultaneously.  
Conditions tend to remain consistent within the gel, as deviations in the cast material are limited.  
Additionally, individual bands of separated analytes can be excised from the gel for further 




Figure 1.5 Simplified block diagram of a slab gel electrophoresis apparatus.   
 
 Capillary electrophoresis is currently a popular technique for rapid separations of 
biomolecular analytes, including the sequencing of the human genome.  This method utilizes a 
fused silica tube ranging from 30–50 cm in length with inner diameters (i.d.) usually between 
20–100 µm.  This tube or capillary is filled with a sieving matrix, the ends are inserted into 
buffered solutions, and an electric field is applied to induce separation (see Figure 1.6).  
Capillary electrophoresis can be operated with large electric fields (~300 V/cm) due to the high 
surface-to-volume ratio, which allow fast dissipation of heat.  In a round capillary, with a 
reduced diameter, there is more electrical resistance, which generates less current for a given 
voltage, and thus less Joule heating at higher electric field strengths.22  The ability to operate at 





















































Figure 1.6 Schematic of a capillary electrophoresis system. 
 
 A unique aspect of fused silica capillaries is the negative charge on the inner wall.  
Negatively charged silica groups (SiO-) will form a double layer with positive ions in the 
conductive medium once an electric field is applied (see Figure 1.7).  This double layer has a 
plane of shear between the stationary ions and those in solution, giving rise to a potential  
 
Figure 1.7 Schematic of the formation of ionic double layer at surface of fused silica 












difference between the layers known as the zeta potential (ζ).  This phenomenon is dependent 
upon the surface charge as well as the pH of buffered solutions as Figure 1.8 demonstrates.  
Cations from a buffered solution will coordinate to the negative SiO- groups, however, the layer 
of ions is not dense enough to neutralize the surface charge; thus a mobile layer of cations form.  
Figure 1.8 Dependence of electroosmotic flow of fused silica on buffer pH.23   
 
When a voltage is applied, the layer of mobile cations will migrate towards the cathode, causing 
a bulk flow of the solution within the capillary; this movement is referred to as the 
electroosmotic flow (EOF).  The linear velocity of the EOF, EOFν  (m s
-1), can be expressed as: 





=EOF   (1.8) 
where E is the applied electric field (V cm-1), ε is the dielectric constant of the liquid (C2 Joule-1 
cm-1), and the solution viscosity is η (N s m-2).  The linear velocity of the EOF can then be 
related to the electroosmotic mobility, EOFµ  (m
2 V-1 s-1), of the buffer as: 
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νµ =   (1.9)  
The mobility of a molecule within the capillary is affected by the EOF, and is determined by:  
    eEOFapp µ+µ=µ  (1.10) 
where eµ  is the electrophoretic mobility of an analyte in the absence of an EOF, and µapp is the 
apparent mobility observed during measurements.  The contributions from the surface charge on 
the EOFµ  can be overcome by coating the inner walls of the capillary to suppress the EOF 
(discussed in Section 1.3.2).   
 An aspect of slab gels is their high throughput, parallel capacity, which can be matched 
by operating multiple capillaries in parallel.  Although slight variations will exist in the 
separation matrices employed in each individual capillary, reusable or replaceable matrices can 
be utilized for the separation, making this method more amenable to automation.  A capillary can 
be filled from one inlet prior to electrophoresis and afterwards, the medium can be expelled from 
the capillary.  One phenomenon is that the bulk movement within the capillary often causes 
extrusion of the gel during electrophoresis.  An alternative then is to polymerize, or form cross-
linked gels within the capillary, which offer a more durable solution.   
 In the early 1990’s, an alternative method to capillary electrophoresis become available, 
in which planar, micron-scaled platforms offered faster analyses with smaller reagent and sample 
consumption.  This platform, microchip electrophoresis, consisted of a small, inexpensive yet 
versatile device in which the capillary was now a channel entrenched into a substrate such as 
glass or polymers.  This microchip, (also referred to as microdevice, microelectromechanical 
system, or lab-on-a-chip) offered comparable electrophoretic performance as with capillary 
electrophoresis.  In its simplest form, electrophoresis is carried out in a single channel, with 
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situated reservoirs for electric field generation within the channel as shown in Figure 1.9.  The 
parallel capacities of slab gel and capillary electrophoresis is also achievable in microdevices.  
Additionally, multiple analytical techniques traditionally performed offline prior to 
electrophoresis can be coupled onto/into the microchip, forming a micro-total analytical device 
(µTAS).  The intricacies of microchip electrophoresis will be explored in Chapter 2. 
 
     
 
Figure 1.9 Illustrations of microchip electrophoresis devices.  (Left) Image of a simple cross 
device.  (Right) Image depicts two examples of more complex devices 
incorporating mixers and micro-reactors. 
 
 
1.3.2  Models for DNA Migration in Polymer Networks 
 Several models are used to explain the manner in which DNA migrates through polymer 
gel matrices.  One model is the Ogston theory, which assumes that the separation matrix consists 
of randomly distributed fibers that possess an average pore size.  DNA fragments are assumed to 
behave as rigid spherical coils as they pass through the pores of the polymer network.  Fragments 
of smaller sizes will travel much faster, since there is a larger fraction of pore sizes available to 
migrate through.  Larger fragments must diffuse laterally until it encounters a pore with 
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sufficient size as to allow its passage.  For a spherical particle of radius Rg migrating through 
randomly situated fibers, the mobility, µ, is:24  
µ  =  µo exp[– CK(r + Rg)2]   (1.11) 
where µo is the mobility of the particle in free solution, C is the concentration of the gel polymer.  
The retardation coefficient is defined as (K(r + Rg)2), where K is a proportionality constant and r 
is the radius of the gel fibers.  Figure 1.10 demonstrates a particle migrating through a polymer 
network according to the Ogston theory.  Since this model does not take into account 
contributions from the electric field (E) or its effects on Rg, it is true only as E→ 0.  As such, this 
model proved to be inaccurate for larger DNA fragments, as experimental data showed migration  
 
Figure 1.10 Schematic diagram of DNA fragments traveling through a polymer network.  The  
  fragment on the left is assumed to migrate as a rigid spherical particle where pore  
  size contributes to migration distance.  The fragment on the right depicts behavior 
  in accordance with the reptation model where DNA migrates “snake-like” through 
  the polymer network. 
 
in cases where r « Rg.  Additionally, a plot of log µ versus C, commonly referred to as Ferguson 




































longer DNA fragments, suggesting an alternative mechanism for migration through polymer 
networks.  
 A second theory referred to as the reptation model, was suggested to account for such 
artifacts.26-28  The reptation model assumes that DNA migrates “snake-like” through the polymer 
pores, as opposed to migrating as a rigid spherical molecule.  Thus, when a larger fragment 
encounters a pore smaller than its spherical radius, the randomly coiled fragment will deform 
into longer, flexible chains allowing the DNA particle to migrate “head first” through the pores 
of the polymer network as depicted in Figure 1.10.  The molecule is assumed to alternatively 
stretch and relax, almost in a reptile-like nature (thus the term reptation) as they migrate through 
“tubes” of the polymer network and adapt to local conditions.  Under the influence of an electric  
field, the electrophoretic mobility of the reptating particle is inversely proportional to its 
molecular length.  This method does not account for influences exhibited by large electric fields; 
for this the biased-reptation model applies.   
 The assumption that a molecule will remain randomly coiled as it moves through the 
network is no longer valid under high electric fields.  Instead, the leading end of the coiled 
molecule orients itself with the electric field.  As the electric field strength increases, the coiled 
molecule will elongate as depicted in Figure 1.11.  Once a DNA fragment completely aligns with 
the electric field, the molecular length dependence on µ disappears.  As such, the maximum 
length of DNA which can be separated by electrophoresis is ~ 20,000 base pairs.23  
 Selection of an appropriate medium for separation of DNA fragments is based upon the 
size of the fragment molecules.  An appropriate concentration of either agarose or acrylamide, 
two common sieving matrices, determines the pore sizes through which the DNA molecules 




Figure 1.11 Schematic illustrating the elongation effects of the electric field on a molecule:  
(A) Low electric field strength; (B) Moderate electric field strength; (C) High 
electric field strength.  The molecule will orient with the direction of the electric 
field as it elongates. 
 
while large pore sizes will result in no separation of smaller DNA fragments.  Table 1.1 gives 
values for agarose and acrylamide gel concentrations to separate desired DNA fragments.  
Agarose, a naturally derived product, is a common medium employed in slab gel electrophoresis, 
and is favorable for large DNA fragments while polyacrylamide, a synthetic polymer, is 
commonly used for separation of shorter fragments.   
   
Table 1.1  Approximate agarose and acrylamide gel concentrations for separation of DNA 
linear fragments of various sizes.29 
 
Gel Concentration Separation Range (bp) 
  
Agarose – 0.3% 60,000 – 5,000 
Agarose – 0.7% 20,000 – 800 
Agarose – 0.9% 7,000 – 500 
Agarose – 1.2% 6,000 – 400 
Agarose – 1.5% 4,000 – 200 
Agarose – 2.0% 3,000 – 100 
Agarose – 4.0% 500 – 10 
Acrylamide – 4% 1,000 – 800 
Acrylamide – 10% 500 – 25 










 Polyacrylamide, which is frequently employed when using capillary and microdevice 
electrophoresis, can be used in its linear form as linear polyacrylamide (LPA) or as a cross-
linked matrix.  Polyacrylamides are prepared from the acrylamide monomer (CH2=CHCONH2) 
and polymerized with a cross-linker, N,N’-methylenebisacrylamide CH2(NHCOCH=CH2)2) as 
demonstrated in Figure 1.12.  The reaction is initiated with ammonium persulfate, which acts as 
a free radical in solution along with the catalyst tetramethylethylenediamine (TEMED).  The size 
of the pores can be controlled by adjusting the total concentration of acrylamide monomer in 
solution as the relationship shows in Figure 1.13.  Linear polyacrylamide can be formed by 
removing the cross-linker, bisacrylamide from the polymerization reaction.  Another common 
matrix for separation of sequencing fragments is polydimethylacrylamide (PDMA).  Using the 
commercially available PDMA gels saves time on capillary preparations since the matrix serves 
as a self-coating polymer (see section 1.3.4).  Another aspect of separation matrices is the 
necessity to keep DNA fragments in their single-stranded conformation; thus, a denaturant such 
as formamide or urea is added to the gel.   
1.3.3  Electrophoretic Parameters Defining Separation of DNA 
 As mentioned earlier, under the influence of an electric field, samples will migrate 
towards an electrode in zones, which are defined by their mobility.  Within these “charge” zones, 
analytes will separate based upon their charge and molecular size due to frictional forces inherent 
in the medium.  During this molecular sorting, movement within the fluidic medium, whether gel 
or free solution, causes inherent zone dispersion.  In electrophoresis, zones can spread either 
radially (perpendicular to the direction of migration) or longitudinal (parallel to the direction of 
























































Figure 1.12 Polymerization of acrylamide sieving matrices.  (A) Free radical polymerization 
of acrylamide.  (B) Crosslinking polymerization of acrylamide with 
bisacrylamide.  Ammonium persulfate (APS) acts as a free radical after dissolving 
in water and polymerization is initiated after addition of APS to an acrylamide 
solution in the presence of the catalyst tetramethylethylenediamine (TEMED).18 
Figure 1.13 Influence of acrylamide concentration (% w/v gel) on the average pore size of a 
cross-linked matrix.30  
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contribute minimally to zone spreading (dispersion), as the diffusion rate of most molecules is 
smaller than the rate at which they migrate.   
 One source of zone spreading is convective (thermal) diffusion caused by Joule heating.  
When an electric field is applied, due to the inability of certain platforms to dissipate heat 
quickly, the temperature of the solution will increase, causing molecules within the center of the 
separation platform to migrate faster.  To minimize dispersion, it is necessary to reduce the 
amount of heat generated and to dissipate any heat produced.  One such manner to minimize 
convective diffusion is by reducing the tube or capillary diameter (for this reason, quantitative 
parameters defining electrophoresis will be explained as they relate to capillary electrophoresis).  
Zone spreading, however, is an attribute of several contributing factors aside from Joule heating 
and its dispersion.  Dispersion from such factors is summarized using the following relationship, 




OinjDT σ+σ+σ+σ=σ  (1.12) 
These additive values represent variance due to molecular diffusion ( 2Dσ ), the injection system 
( 2injσ ), the detector (
2
detσ ), and the summation of other effects such as electromigration 
dispersion, Joule heat, and non-uniform flow profile ( 2Oσ ).   
 As alluded to, another source of variance comes from the finite injection volume 
introduced onto the capillary.  There are two primary methods of sample introduction, 
hydrodynamic and electrokinetic injections.  During hydrodynamic injections, either pressure is 
applied to the sample container (vial) or a vacuum is applied to the opposite end of the capillary, 
forcing the sample onto the capillary in what is known as pressure injections.  Alternatively, 
gravity injections are utilized where the sample vial and introductory end of the capillary are 
raised higher than the other end of the capillary, causing the sample to siphon into the capillary.  
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In general, hydrodynamic injections are more accurate in introducing a representative mixture of 
analytes onto the capillary since this method relies solely on loading a fixed volume of sample. 
 Due to the viscous nature of gel matrices, as well as immobilization of cross-linked gels 
onto capillary surfaces, volumetric injections are not always feasible because the matrix cannot 
be displaced by the sample.  The electrokinetic injection method serves a greater utility in these 
instances, since this method relies on the electrophoretic mobility of the analytes as well as the 
EOF of the capillary.  After submerging the injection end of the capillary in the sample vial and 
applying a voltage, the analytes will migrate onto the capillary in the direction of the electric 
field.  Once the analytes reach the capillary, they will become concentrated at the injection end 
due to electrophoretic stacking, a phenomena that occurs more drastically with increased 
conductivity differences between the sample and separation mediums.  By applying a constant 







Er2  (1.13) 
where r is the inner radius of the capillary, t is the injection time, cs is the concentration of the 
analyte, and the conductivities of the sample and sample buffer electrolyte are λs and λb, 
respectively.  Molecules possessing different mobilities will be introduced into the capillaries at 
different rates during an electrokinetic injection, with faster analytes injecting in higher 
concentrations. 
 Migrating bands in electrophoresis differ from those observed during chromatographic 
separations.  As demonstrated in Figure 1.14, the bulk flow travels with a flat-flow profile in 
electrophoresis as opposed to a laminar flow.  In HPLC for instance, peaks are diluted after being 
retained on a column for a longer time.  The peak area for the band remains the same, yet the 
intensity of the peak decreases.  In contrast, during CE peak height will remain constant, because 
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the zones will remain the same length as they migrate through the column.22  The increase in 
peak width of later eluting peaks is due to the slower migration of analytes through the columns, 
causing them to reside in the detector window for a longer period.  Typically, Gaussian peaks are 
observed during an ideal CE separation. 
Figure 1.14 Depiction of (A) plug flow profile typical in chromatography along with the 
associated chromatographic peaks and (B) flat flow profile typical in 
electrophoresis along with the associated electrophoretic peaks. 
 
 As with chromatography, resolution is a parameter used in CE to measure the degree to 
which analytes are separated.  The resolution, R between two migrating peaks can be calculated 









=  (1.14) 
where tm represents the migration time at the apex of a peak, and wb represents the width (in 
time) at the base of the peak.  These values can be obtained from an electropherogram of the 
analyte separation as depicted in Figure 1.15.  Typically, when R ≥ 1.5, two bands are considered 
baseline resolved; when sequencing DNA this resolution greatly influences the accuracy of 






Figure 1.15 Determination of resolution and efficiency from an electropherogram.23 
 
 
effective in quantization of the analyte separation, does not provide an analysis of the separation 
efficiency, nor does it account for the variances observed.  As such, two terms defining the 
efficiency in CE are theoretical plate numbers, N, and the height equivalent to a theoretical plate 




==   (1.15) 
and L is the effective length of the capillary (cm).  From an electropherogram, the number of 
theoretical plates can also be calculated as: 






















m         (1.16) 
where w1/2 is the width measured at half the peak height.  This relation for efficiency is relevant 


















where, hp is the height of the peak, L is the distance traveled by the peak and Ap is the area of the 
peak with the latter two usually having units of distance or time.  Incorporating the efficiency 








=  (1.18) 
where ∆µapp is the difference in the apparent electrophoretic mobilities between the two 
migrating components, µapp,avg is the average apparent electrophoretic mobility, and ∆µapp/µapp,avg 
represents a selectivity term. 
1.3.4  Suppression of Electroosmotic Flow 
 In capillary electrophoresis, the surface charges on the walls provide a mechanism for 
fluid transport.  The EOF creates a flat flow profile within the capillary, with migration of all 
analytes, regardless of charge, occurring towards the cathode.  However, DNA fragments are 
negatively charged, therefore having an affinity towards the anode.  In a bare capillary, DNA 
will have an apparent mobility towards the cathode, due to the larger magnitude of the EOF in 
that direction.  This effect is undesirable since its leads to longer analysis times.  Another 
drawback to using bare silica capillaries is that variations in the apparent mobility of 
biomolecules is often observed.  This could be attributed to zone distortions due to analyte 
adsorption onto the capillary surfaces as well as to differences in the EOF due to pH 
differences.31, 32 
 To reduce surface influences on the separations, the EOF in capillaries is either 
significantly reduced or eliminated; this is accomplished by coating the silica surface with 
polymeric materials.  These coatings can either be static, through means of covalent attachment 
of the coating material to the surface, or dynamic in which a coating is adsorbed onto the wall.  
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Both methods provide a homogeneous surface to reduce dispersion effects, which is especially 
important since biomolecules such as DNA are extremely sensitive to inhomogeneities in the 
surface charges.33   
 Some of the earliest reports concerning chemical modifications of capillary surfaces 
included bonding glycol-containing groups to the surface to reduce protein adsorption34, 35 and 
modification of the surface with a non-cross-linked polyacrylamide to eliminate the EOF in silica 
capillaries.36  The latter method developed by Hjerten attaches a thin layer of polyacrylamide 
groups by reacting the SiO- groups with γ-methacryloxypropyltrimethoxysilane (γ-MAPS) prior 
to polymerization (see Figure 1.16).  This covalent bonding procedure has been modified to 
incorporate various polymer coatings, however, its main drawback is that it is unstable at 
alkaline pH.  This can be overcome however, by first converting the Si-O-Si bonds to Si-C 
bonds.37  Numerous polymers have been included in covalent coating procedures depending on 
the desired hydrophilicity of the surface, and whether an eliminated, decreased, or reversed EOF 
is desired for optimal separations.31 
 Dynamic coatings are attractive, because they do not require time-consuming chemical 
modifications; in addition, they overcome inhomogenieties in chemical reactions where 
polymerization of a covalent coatings may not be complete or consistent throughout the covered 
surface area.  Passivation is typically achieved by either rinsing the capillary with a solution 
containing the adsorptive polymer or agent, or by including coating agents within the run buffer 
or the separation medium.31  Dynamic coating sieving matrices, or self-coating matrices such as 
poly(dimethylacrylamide) (PDMA)38 are attractive since the coating is regenerated with each 
replacement of the matrix;  this provides reproducible separations without regard to coating 
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degradation, as opposed to covalent coatings which require regeneration of the coatings after 
several runs or replacement of the capillaries altogether.   
 
  




1.4  Detection Methods for DNA Sequencing Analyses 
 The detection method employed is determined in part by the sensitivity required for the 
individual electrophoretic separation platform.  As stated earlier, when preparing the sequencing 
fragments, a labeling probe is attached to either a primer or the modified bases.  The particular 




















































































employed.  When incorporating radioactive probes, typically 35S (τ½ = 87 days) or 32P (τ½ = 14 
days) will replace the phosphate group of an individual nucleotide.  Both of these isotopes will 
emit beta particles, although 32P is generally preferred due to its similarity in the DNA structure 
and its shorter half-life making it easier to dispose of.  Due to the nature of radio-probe detection, 
this method is more suitable to slab gel analyses.  The simplicity of the analysis involves only 
drying the gel, situating it on an X-ray film, and exposing to radiation, after which dark bands 
will appear on the film in places where the radiolabeled DNA fragments are resident after 
complete development. 
 Though the ease of operation is evident, this method of detection possesses some inherent 
disadvantages, primarily the indeterminate errors in base calling (identification) arising from 
manual interpretation of fragmented band order.  Additionally, there is no way to differentiate 
radiolabeled fragments, so each base needs to be separated in individual lanes; this limits 
throughput.  Throughput issues extend to the time consuming nature of developing the 
radiographs, which can take several days to expose the film sufficiently to produce readable 
fragment bands.  Another significant consideration is the disposal of waste materials after 
sequencing when radioisotopes are incorporated. 
 To avoid using harmful radioactive isotopes, a variety of techniques have been 
investigated to detect DNA fragments, including chemiluminescence, mass spectrometry, 
ultraviolet/ visible absorbance, fluorescence and phosphorescence.  Each has drawbacks, the 
most significant being the sensitivity of the particular method chosen.  Fluorescence is generally 
accepted as the better method, as it provides superior detection limits when analyzing DNA 
fragments and has a wide variety of chromophores available to label fragments.  This allows for 
multiple probes to be incorporated in a single lane analyses, thus, increasing the throughput of 
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the separation as compared to radiographic detection techniques.  In addition, using fluorescence 
detection allows for automation of the analyte detection, eliminating manual base calling 
methods.  Prior to discussing the benefits of fluorescence detection as it relates to DNA 
sequencing and the techniques associated with high throughput base calling using this method, 
several aspects of fluorescence will be explained.  
1.5 Fluorescence Theory 
 All molecules absorb light, and in certain instances, the absorbed photon can produce 
excited states.  Electrons promoted to excited states must return to a relaxed ground state orbital 
(S0), whereby the transition from an electronically excited state (S1, S2, or T1) to the ground state 
is referred to as luminescence.  The  processes by which an electron transitions between states is 
illustrated below in an energy level representation known as a Jabłoński Diagram (see Figure 
1.17).39  As dictated by the Pauli exclusion principle, two electrons in an orbital must have 
opposed spin states, and exist as spin paired (diamagnetic) electrons.  After an electron is excited 
to a higher energy level, given the nature of relaxation back to the ground state, the emission of 
light observed is categorized as either fluorescence or phosphorescence.   
The rate at which a photon of radiation is absorbed is approximately 10-14 to 10-15 s.  When a 
molecule absorbs light, it is typically excited to a high vibrational level of S1 or S2.  The 
molecule then quickly relaxes to the lowest vibrational level of S1 through a non-radiative 
process referred to as internal conversion.  This transition generally occurs in 10-12 s or less, so 
the process is completed before emission takes place.  The excited molecule will subsequently 
relax from the lowest vibrational level of the excited state (S1) to any level within the ground 
state (S0) through the emission of a photon of light.  If this occurs while its excited electrons 
remain spin paired, the process is referred to as fluorescence and will typically be on the order of  
 34
 
Figure 1.17 Modified Jablonski diagram.  Block diagram depicts energy transitions exhibited  
  after a molecule absorbs a light photon. 
 
10-7 to 10-9 s.  If however, an electron in the excited state has the same spin orientation as that in 
the ground state, the relaxation process is forbidden and must occur by first crossing to 
the triplet state to reverse the spin of that excited electron.  This process is referred to as 
intersystem crossing.  When an electron returns to the ground state through emission of a photon 
from a triplet excited state, it is called phosphorescence and generally occurs at a rate of 10-4 to 
10 s or more.   
 Observation of the Jabłoński diagram reveals that the energy from emission is less than 
the energy from absorption or excitation.  A direct consequence of the vibrational relaxations 




























wavelengths than the band associated with absorption.  The observed shift in wavelength 
between the excitation and emission bands is the Stokes shift.  This shift is easily observed in the 
absorption (excitation) and fluorescence (emission) spectra, which in general will exhibit similar 
if not mirror-image characteristics.   
 The intensity of a given molecules’ fluorescence will depend upon how many photons are 
emitted during the radiative decay processes.  As mentioned, the depopulation of an excited state 
can occur through several avenues:  either through emission of a photon or radiative decay, or 
through any other method of relaxation or nonradiative decay.  Any means of nonradiative 
decay, which includes internal conversion, intersystem crossing as well as dissociation rates of 
the compound will reduce the amount of energy emitted as a photon.  To measure the efficiency 
of fluorescence, the ratio of the number of emitted photons to the number of absorbed photons is 
described as the quantum yield, Φ, and is represented as: 
nrk+Γ
Γ
=Φ   (1.19) 
where Γ is the rate constant for radiative decay and knr is the sum of all the rate constants for 
nonradiative decay.  In instances where knr « Γ, or the rate of nonradiative decay is much less 
than radiative decay, the quantum yield will approach unity.  The average time a molecule 




1   (1.20) 
By this definition, the natural or intrinsic lifetime (τn) of a molecule will be the rate of decay in 
the absence of any nonradiative decay processes (knr = 0), and can be calculated from the 




=τn   (1.21) 
 Both internal conversion and intersystem crossing are non-radiative methods by which a 
molecule can relax from an excited state.  A broad term that encompasses non-radiative 
processes that decrease the quantum yield, and thus changes the fluorescence lifetime of a 
molecule is quenching, which simply applies when the intensity of fluorescence is decreased by 
any wide variety of interactions.  One type is collisional quenching in which the excited-state 
fluorophore is deactivated after contact with another molecule in solution through a non-radiative 
transfer of energy.  A second type is static quenching which includes instances where 
fluorophores form non-fluorescent complexes in the ground state.  Any such molecule that 
reduces the fluorescence of a fluorophore is called a quencher; a common quencher is molecular 
oxygen.39-41 
1.6  Fluorescence Measurements and Instrumentation 
1.6.1  Steady-state Fluorescence 
 There are generally two classes of fluorescence measurements – steady-state and time-
resolved.  During steady-state fluorescence, measurements are obtained using constant 
illumination and observation.  The major components of a fluorescence spectroscopic instrument 
consists of (1) a stable source of radiant energy, (2) a transparent sample container, (3) a selector 
to isolate a given spectral region during measurements, (4) a detector to convert radiant energy to 
a readable signal, and (5) a signal processor to display the signal or data.  Figure 1.18 illustrates a 
schematic representing these components, with the detection of the emitted radiation being 
detected at 90º with respect to the source.  Sensitivity is gained using this configuration because 
the amount of light from the excitation source going directly into the detector is reduced, causing 




Figure 1.18 Instrumental components necessary for fluorescence spectroscopy measurements. 
  
 Sources suitable for spectroscopy should have sufficient power that can remain stable 
over a reasonable time.  The source can either be a continuum source such as gas-filled arc lamps 
(i.e. Ar, Xe, or Hg), and tungsten filament lamps or it can be a line source such as hollow 
cathode lamps, LEDs or lasers.  For steady-state fluorescence measurements, continuum sources 
offer continuous light output over a wide spectral region, ranging from UV to the near- IR with 
high intensities.  In certain instances, the source must be encased, and the light focused through a 
set of filters and optics to keep from overheating the sample.  The sample is typically housed in 
quartz, fused silica or silicate rectangular cuvettes.  The particular material is chosen to eliminate 
interference from the spectral region of interest, with the transparency contributing minimally to 
optical differences when measuring the fluorescence emitted from a sample. 
 Given the wide spectral range over which a source radiates, wavelength selectors are 
employed to focus the energy into a narrow band closely matching the spectroscopic properties 
of the fluorophore.  This is accomplished using either filters or monochromators.  
Monochromators, are used to continuously change the wavelength of the radiating polychromatic 













Grating monochromators are more widely used due to their superior dispersion qualities and 
cheaper construction over prisms.  In some instances, a monochromator is situated between the 
source lamp and the sample to select the excitation wavelength.  Filters, on the other hand are 
fairly simple optics, which allow light to pass above, within, or below a specified wavelength 
with high % transmittance.  Optical filters include interference, dichroic and neutral density 
filters, typically substrates coated with wavelength-specific films; some optical filters can be as 
simple as colored glass..   
 Interference filters are employed to either transmit or block selected wavelength regions, 
as specified by a particular application, configuration, or fluorophore.  This class of filters 
consists of edgepass filters, which either allow transmittance above a certain wavelength 
(longpass) or reject all transmittance below a selected wavelength (shortpass) and bandpass 
filters, which rejects all light above and below a defined region.  Conversely, shortpass and 
longpass filters can be combined for customized wavelength regions, similar to bandpass filters.  
The cutoff and transmittance properties associated with filters having a cutoff region at 800 nm 
is shown in Figure 1.19.  Interference filters are constructed from thin layers of dielectric 
material, or metallic layers, with different refractive indices.  Wavelength discrimination is based 
upon the interference of light between the incident and reflected waves at the thin-film boundary; 
due to sensitivities to the plane of vibration, the filters are mounted normal to the incident angle.  
A complete filter is composed of 1) a band pass portion, and 2) rejection portions which include 
dielectric, reflective/absorbing, and completely absorbing components.  Certain filters, such as 
bandpass filters, are designed from several stacked reflective mirrors separated by a dielectric 




Figure 1.19 Spectra of transmission regions for (A) longpass, (B) shortpass and (C) bandpass 
filters with cutoff regions of 800 nm.  [Thorlabs Product No. fel0800 (a), fes0800 
(b), fb800-10 (c)].43 
 
 Dichroic filters are designed by coating substrates with thin dielectric films, which 
transmit light above a desired wavelength and reflect light below that wavelength.  Dichroic 
filters are similar to interference filters, given they rely upon the angles of incidence of the light 
energy as a basis for transmission or reflection, however,  dichroic filters are designed to reflect 
rather than absorb unwanted light, making their coatings more stable under direct exposure to 
intense light sources.  To capitalize upon the reflective properties in wavelength selection, 
dichroic filters can be configured at 45° to the incidence light, allowing direction of the lower 
wavelengths towards a fluorophore for excitation, and the resulting emission, which is above the 






























selected wavelength, will be transmitted through the filter.  In a similar matter, dichroic filters 
are used as beam splitters to separate incident light into two distinct light beams.  The amount of 
transmittance and absorption can be customized for specific applications by altering the type and 
number of thin layer coatings. 
 Since many optical components in fluorescence instruments are sensitive to the amount 
of light exposure it has, neutral density filters are incorporated into the optical design.  They are 
used to either increase or decrease the intensity of transmitted light across a broad spectrum.  The 
attenuation of light can be accomplished uniformly by a factor of 10 to 100, based upon its 
selection; however, they are not wavelength dependent.  Neutral density filters can be reflective, 
based upon the properties of thin metallic films and reflect all light not transmitted, or absorptive 
based upon the properties and thickness of colored glass, and absorb all light not transmitted.  
The most significant parameter associated with neutral density filters is their optical density 
(OD) which is related to the amount of transmitted light by: 
   son  transmis%100*  10T OD == −         (1.22) 
The amount of attenuation can be specified with a range of optical densities from 0.04 to 5.0 OD.  
Neutral density filters can be placed directly in front of an excitation source to reduce the amount 
of light prior to sample excitation.  Conversely, they can be placed in the path of emitted light to 
increase or decrease the amount of energy directed into a detector, in some instances improving 
detector performance by producing light in the linear range of the detector.   
 Ideally, any detector employed will have specific characteristics, including high 
sensitivity, a high signal-to-noise ratio, a fast response time and minimum output signal in the 
absence of illumination (dark count).  Additionally, the detector should give an electrical signal 
directly proportional to the radiant power and possess a constant response over a considerable 
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range of wavelengths.   Photon transducers detect radiant energy given off from the sample in the 
form of photons.  Photon transducers are available as charge-transfer transducers, photovoltaic 
cells, photoconductivity transducers, phototubes, photomultiplier tubes, silicon and photodiodes, 
with all possessing a significant amount of shot noise limiting their behaviors.   
 In fluorescence spectroscopy, it becomes necessary to measure single photon events, thus 
detectors without gain (an internal amplification of output power, current and/or voltage) are not 
useful.  While simple photodiodes do not operate with gain, avalanche photodiodes and single 
photon avalanche diodes (SPAD) can operate with significant amounts of gain, giving 
sensitivities that can exceed PMTs.  Although PMTs have applications in photon counting due to 
their fast response times, they are usually limited to low power radiation due to the sensitive 
photocathode materials employed, and respond best to UV and visible radiation.  SPADs on the 
other hand, are highly sensitive to low-intensity and high-intensity light, possess fast response 
times to short and rapid light pulses, and have low dark counts (a minute, constant response in 
the absence of radiation) and respond well in the far red region of the electromagnetic spectrum 
due to the high quantum efficiency of the photoactive material (Si) to this spectral region.44 
 A single photon avalanche diode is a semiconductor consisting of a reverse-biased p-n 
junction operating above its breakdown voltage.45-47  As seen in Figure 1.20, an avalanche region 
is formed at the n+p junction formed by a shallow n+ layer (~0.3 µm).46  Incident photons to this 
area create charges, and diffuse into the breakdown region, which is a deep-diffused n- guard 
ring (5-8 µm).  The diameter of the p area is kept minimal, such that photons arriving in this 
neutral region are drained to the n-p junction.  This makes the probability of triggering an 
avalanche high only in the n+p junction.   
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 When SPADs are operated a few volts above their breakdown voltage, the electric field 
in the depletion region is high, with little current flowing through.  On the arrival of an incident 
photon, the energy produced after a photon hits the active layer of the p-n junction is sufficient to 
cause a rapid increase in electron-hole pairs formed, causing a continuous avalanche of current.  
The leading edge of the avalanche current signals the arrival time of the detected photon.  The 
generation of electron-hole pairs would self-sustain, but would not allow for detection of 
subsequent photons, so the avalanche current must be quenched.  Once the avalanche breakdown 
ensues, an output signal is relayed to a quenching circuit, which then lowers the bias voltage 
below its breakdown.  After a short time (dead time), the SPAD bias is reset above the 
breakdown voltage, terminating the avalanche current.  This quenching can be passive, where the  
 
Figure 1.20 Schematic cross section of a single photon avalanche diode.46  
 
 
voltage recovery time is longer (several microseconds) since there is a low recharging current 
through the high load resistor (~100 kΩ) in a passive quenching circuit.  Active quenching, 
however, is much faster (several nanoseconds) as the SPAD is connected to a fast trigger circuit.  
At the onset of the avalanche current, a well-defined dead time is forced upon arrival of the 
output signal, after which a negative pulse is superimposed on the bias to shift operation above 
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the breakdown voltage.47, 48  For time-resolved measurements, an actively quenched SPAD is 
preferred, since single photon counting can be performed under higher repetition rates. 
1.6.2  Time-Resolved Fluorescence 
 Time-resolved fluorescence is a means to obtain information about a molecule through 
intensity decays or anisotropy decays, whereas steady-state fluorescence only records an average 
of the emission upon illumination.  Much of the information obtained concerning a molecule’s 
behavior and interaction with its environment is not observed when using steady-state 
fluorescence.  Time-resolved fluorescence, however, can reveal information concerning a 
molecule’s behavior, such as the decay kinetics from an excited state, and whether a fluorophore 
is quenched through diffusion or collisions.  Time-resolved fluorescence can reveal when a 
molecule’s behavior suggests the presence of several conformations, i.e. when a fluorescent 
probe is bound to a molecule, with each conformation providing multiple distinct decay times.  
Time-resolved measurements can reveal how acceptor molecules are distributed around donor 
molecules when studying energy transfer reactions, and additionally, can reveal the degree of 
quenching exhibited by a molecule due to diffusion factors.39   
 The intensity decay obtained in time-resolved measurements is the distribution of emitted 
photons observed as a molecule relaxes from an excited state population over time.  For a large 
number of photons, the total number emitting will rise sharply immediately after excitation, 
while other photons will take a longer time to relax to the ground state than the lifetime would 
suggest.  The fluorescence lifetime, thus is an inverse of the total decay rate, and for single 
exponential or component decays, the following expression applies 
)/exp()( 0 τ−= tItI    (1.23) 
where I0 is the intensity at time zero. 
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 Two dominant formats exist to obtain time-resolved measurements:  time-domain and 
frequency-domain methods.  For time-domain measurements, the sample is excited with a 
narrow pulse of light much shorter than the lifetime of the sample.  The intensity of the emitted 
photons is measured following the excitation pulse, producing a histogram of time-dependent 
intensities.  The decay time is then calculated from the slope of a plot of log I(t) versus t, where 
I(t) is the time-dependent intensity.  Most time-domain measurements are performed using time-
correlated single-photon counting (TCSPC), a digital technique whereby photons are counted in 
relation to the time delay from the excitation pulse.  A schematic of the instrumentation involved 
in TCSPC measurements is shown in Figure 1.21. 
1.6.2a  Time-Correlated Single Photon Counting (TCSPC) Components 
 A typical instrument for time-correlated single photon counting (Figure 1.21) consists of 
a time-to-amplitude converter (TAC), a multichannel analyzer (MCA), constant fraction 
discriminators (CFD), and a trigger source, along with the other components of steady-state 
fluorescence instruments.49  One of the most important components of a TCSPC instrument is 
the time-to-amplitude converter (TAC), which can be considered as an ultra-fast stopwatch.  
TCSPC measurements begin with the repetitive excitation of the sample using a light source, 
usually a pulsed laser.  These optical pulses are detected by a trigger source, which can be a 
photodiode or a PMT, which then sends an electrical pulse or start pulse to the TAC.  The TAC 
then initiates charging of a capacitor, and the voltage continues to ramp linearly until the arrival 
of a stop pulse.  Although the sample is excited repetitively by the pulsed source, only the first 
photon emitted will be detected, which will generate a stop pulse.  The TAC subsequently 
creates an output signal whose voltage is proportional to the time between the start and stop 
pulses.   
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Figure 1.21 Instrumental components of a time-correlated single-photon counting (TCSPC) 
instrument for measuring time-resolved fluorescence lifetimes.  Components 
include the constant fraction discriminator (CFD), time-to-amplitude converter 
(TAC) and multichannel analyzer (MCA). 
 
 
 Since the signals generated from the detectors have a broad distribution of pulse heights, 
a discriminator is necessary to provide a constant pulse height to the TAC, as well as to improve 
the signal-to-noise ratio.  Two prominent types of discriminators are leading edge and constant 
fraction discriminators – Figure 1.22 shows a schematic representation of the pulse timing.39, 49  
























distribution, such as when the trigger pulse is stable.  However, when pulses are generated at the 
same time but have different amplitudes, the arrival time is different since the signal crosses a 
given threshold at different times.   The variance in timing associated with pulse height 
differences can be minimized using a constant fraction discriminator (CFD).  The signal 
generated from the detector is split into two parts – one part is delayed by about half of the pulse 
width and the other part is inverted.  The pulses are timed from a point on the leading edge, 
creating a timing point that is constant regardless of pulse amplitude.  Both signal fractions are 
then combined to form a zero crossing signal independent of the pulse amplitude and 
subsequently detected allowing for high time resolution of the arrival time of the photons. 
Figure 1.22 Schematic of discrimination methods for TCSPC.  (A) Timing errors associated 
with leading edge discriminators due to pulse height variations when signal 
crosses a given threshold.  (B)  Pulse attenuation from a constant fraction 
discriminator.39   
 
 
 The output signal generated by the TAC is stored in an appropriate time bin by a 
multichannel analyzer (MCA).  The output pulse is first converted to a digital signal by an 
analog-to-digital converter (ADC) within the MCA.  The MCA is typically composed of 2048-
8192 time bins, or channels.  For pulse height analysis experiments, ~500 channels is usually 
sufficient, however increasing the number of channels will increase the time resolution.  Each 
bin will hold the total number of counts at each voltage (time) sent by the TAC, and a decay 
A B A 
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profile of the number of photon counts at each voltage is constructed.  The histogram formed 
after multiple “start-stop” cycles represents the fluorescence decay of the sample.   
1.6.2b  Data Analysis Methods for TCSPC Measurements 
 The primary variable to consider before calculating a fluorescence decay is the 
instrument response function (IRF) or the lamp function, which is composed of the finite 
response of all TCSPC components in the presence of a zero-lifetime sample.  This response is 
composed of the excitation pulse, its dispersion through the optical system, the transit time 
spread of the detector, as well as any scattered photons and dark counts from the detector.50  In 
general, the limiting performance of the electronics can be determined by the IRF, and is 
typically measured as the time width of the full width at half maximum (FWHM).  The IRF is 
quite narrow, typically <1 ns, and gives an estimate of the shortest time profile measurable by the 
instrument.  In instances where the IRF has a long time value, the absolute lifetime of a 
fluorophore can be biased towards longer times.  This has greater significance when considering 
the analysis method employed.  When using the non-linear least squares method, the IRF is 
deconvoluted from the measured lifetime value, however, the maximum likelihood estimator 
which is mathematically simpler, has no deconvolution step and results in more biased lifetime 
values.   
 Non-linear least squares (NLLS) is regarded as the most general and reliable method for 
analysis of time-resolved measurements.  This method aims to obtain the best estimates of 
measurement related parameters, which will have the highest probability of being correct.  
Starting with a given model of the data, parameter values are assumed until the best match 
between the data N(tk) and the calculated decay Nc(tk) is found.  This is achieved by minimizing 
the goodness-of-fit parameter χ2 where: 
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and the sum extends over the number (n) of channels or data points used in the measurements 
and σk is the standard deviation associated with a particular data point.39  Due to Poisson 
statistics in TCSPC analyses,  the standard deviation is known to be the square root of the 
number of photon counts or σk = [N(tk)]1/2.  Therefore, the relative uncertainty in a measurement 
decreases with increased numbers of photons.  Generally, NLLS is the preferred method for 
analysis since it allows for the removal of the IRF contribution through deconvolution, as well as 
extracts multiple exponential decays for several component systems. 
 Maximum Likelihood Estimator (MLE) on the other hand, does not allow for 
deconvoluting the contribution of the IRF, nor does it allow extraction of multi-exponential 
decays.  However, this attribute also contributes to the simplicity of the calculation, allowing on-
the-fly fluorescence lifetime determinations to be utilized during measurements.  In the 
following expression: 








111 1e1e1    (1.25) 
where τf is the calculated fluorescence lifetime, T is the time width of each bin or channel, m is 
the time interval of the lifetime calculated, Nt is the total number of photon counts, and Ni is the 
number of counts in time bin i.51  In this expression, the left hand side is a function only of the 
parameter τ, while the right hand side is a function only of the data, independent of the expressed 
parameters.  Statistically, MLE methods of lifetime analysis are consistent with NLLS methods 
for simple exponential decays.  Thus, MLE lends itself well to on-line data analysis since the 
minimization step is unnecessary. 
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1.7  Fluorescence Detection for DNA Sequencing 
 As mentioned earlier, fluorescence is a popular method for detecting DNA sequencing 
fragments due in part to its superior detection limits over other techniques.  Also, since there is 
such a wide variety of labeling chromophores available with both complementary and diverse 
spectral properties, multiple probes can be incorporated into single analyses to increase the 
throughput capabilities of a single electrophoretic run.  In addition, using fluorescence detection 
allows the use of automated detection during the separation, allowing for base calling of DNA 
fragments in real-time.   
 The first demonstration of fluorescence detection for DNA sequence analysis came from 
Smith and co-workers52 when they successfully co-electrophoresed DNA bases covalently 
attached to four different fluorescent probes, one for each nucleotide.  Since each probe was 
spectroscopically unique, the analysis was carried out in a single polyacrylamide gel tube.  
Following the Sanger reaction, each probe was attached to a DNA primer generating fluorescent 
DNA fragments.  The dye set used in those experiments is shown in Figure 1.23 along with the 
corresponding spectra for the dye set in Figure 1.24.  A major advantage of this dye set was that 
it allowed excitation with either the 488 nm or the 514 nm line of an Ar ion laser.  Ideally, the 
evenly space emission maxima (30 nm) would allow for reasonable discrimination between the 
four dyes, but the significant overlap in the spectra resulted in spectral leakage between detection 
channels requiring post-analysis software corrections.  In addition, the differences in the 
chemical structures of the dye caused some dye-dependent shifts in the electrophoretic mobilities 
of the DNA fragments requiring additional post-run adjustments to determine the correct 




Figure 1.23 Chemical structures of the dye set used in labeling oligonucleotide primers for 





Figure 1.24 Absorbance (left) and emission (right) spectra of four dyes in Figure 1.23 above:  
























 Shortly afterwards, both Ansorge et al53 and Prober et al54 published results sequencing 
the four bases simultaneously using slab gel electrophoresis.  Ansorge and co-workers presented 
data showing the utility of a fluorescein derivatized primer used to label each of the four 
nucleotides.  The four tracts were analyzed simultaneously by measuring the fluorescence in 
each of four lanes, with the presence of a band in one lane and the absence of a band in the 
remaining three lanes indicating the position of each particular nucleotide.  Prober and co-
workers utilized a set of four slightly altered succinylfluorescein dyes in their research.  In this 
instance, the dye was labeled to a dideoxynucleotide triphosphate (ddNTP), resulting in a 
mixture of four uniquely labeled chain-terminating fragments.  Similar to Smith et al, a filter set 
was incorporated to distinguish the emission signals from each of the four bases as they co-
electrophoresed in a single lane.  However, by using dye-labeled dideoxynucleotides they were 
able to perform their sequencing reaction in a single tube as opposed to four separate tubes 
employed by the other two groups.   
 These publications set a precedent for high throughput analysis of DNA sequencing, 
since all had automated capabilities.  The factor by which the throughput increases is in part due 
to the method of labeling the DNA fragments.  At most, four parallel lanes will be necessary to 
sequence a template using fluorescence detection, usually when either a single dye is employed 
or the instrument has no capability to perform spectral discrimination of a dye set.  As such, 
improving the spectral discrimination capacity of the instrument allows incorporation of up to 
four unique dyes for labeling, increasing the throughput by a factor of four.  Thus, the formats 
for fluorescence detection of DNA sequencing fragments are usually described as # dyes / # 
electrophoresis lanes, i.e. single-color/four lane or four-color/single lane.  Nevertheless, in most 
sequencing applications, dye-labeled primer sequencing remains the more popular alternative 
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since their cost is less prohibitive than dye-labeled terminator sequencing.  In addition, the 
fragment peaks obtained during sequencing when using dye-labeled primers are more consistent 
in intensity than those obtained from dye-labeled terminators.   
1.7.1  Fluorescence Lifetime Discrimination for DNA Analysis 
 To date, fluorescence detection has been widely used in high-throughput analysis of 
DNA sequencing fragments, with the majority based upon spectral discrimination of the dye-
labeled fragments.  Unfortunately, with most dye sets, there remains significant spectral overlap 
when performing multi-color analyses.  These artifacts contribute greatly to the ability to 
accurately identify the proper base at its location during electrophoretic separations.  
Alternatively, fragments can be distinguished from one another in a single-color/single-lane 
format after incorporation of an appropriate dye set possessing four unique fluorescence 
lifetimes.  In this manner, a single excitation source can be utilized to excite a dye set at one 
particular wavelength, while a single detection source can capture the emissions at a particular 
wavelength; the discrimination of the dye set is based solely upon the lifetime of the dye.  As 
such, combining fluorescence discrimination with an instrument possessing spectral 
discrimination capabilities not only increases the number of samples one can analyze in a single 
channel (multiplexing capabilities), but it improves the identification efficiency of spectral 
discrimination, since additional information is available for the dye used to label each nucleotide.  
The factor by which the throughput increases would be dependent upon the number of dyes with 
different lifetimes within each spectral channel.   
 Fluorescence lifetime discrimination has several advantages when incorporated in DNA 
analysis.  As mentioned, lifetime methods can reduce the cross talk between detection channels, 
since there is no leakage from spectral overlap to consider.  Additionally, the calculation 
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lifetimes are immune to concentration variations, allowing for more precise base calling, and the 
lifetime can be correctly identified with higher precision than methods discriminating by the 
fluorescence signal intensities only.  However, using lifetimes to discriminate bases poses one 
difficulty; the dynamic measurements taken during the separation are less than five seconds, 
resulting in low amounts of photons being processed.  This produces lower photocounts per 
decay profile, which in turn contributes to poor photon statistics.  The lower number of 
photocounts used to construct the decay profile for an electrophoretic band results in poorer 
precision of the measurement, increasing the errors in the base calling accuracy.  
 The ability to analyze fluorescence lifetimes on-the-fly during capillary gel 
electrophoresis of (cytosine) C-terminating fragments, Soper et al coupled a time-correlated 
single photon counting instrument to CGE and determined the lifetimes of various components 
within the electropherogram.55  These results were successful, with high precision of lifetime 
identification.  The technology was later incorporated into a two-dye system, in which C-
terminating and A-terminating fragments were discriminated from each other by identifying the 
fluorescence lifetime of the dye labeled on the nucleotide.56   
 One aspect of using fluorescence lifetime measurements is that alternative dye sets must 
be synthesized which possess unique lifetimes.  Since it is no longer necessary to shift the 
excitation and emission maxima, the structural differences in the dye set are less prohibitive.  
This presents an opportunity to synthesize dyes with complementary structures that will not 
require post-analysis mobility shift corrections.  Flanagan and co-workers developed a series of 
near-IR fluorescent dyes which included modifications of a chromophore with different 
intramolecular heavy atoms as shown in Figure 1.25.57  By including a heavy atom modification, 
such as H, Cl, Br, F or I, the researchers were able to change the lifetime of the molecule without 
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altering the spectroscopic properties or the electrophoretic mobilities associated with each dye.  
As depicted in Figure 1.26 the series of heavy atom modified tricarbocyanine dyes possessed 
similar excitation maxima (λabs = 765 – 768 nm) and emission maxima (λem = 794 – 798 nm) 
after conjugation with a DNA primer, while the lifetimes varied between 735 to 889 ps, with an 
average variation of 51 ps.  However, the dye-primer conjugates exhibited no electrophoretic 
shifts in either free solution or capillary gel electrophoresis.   
 
Figure 1.25 Structure of near-IR tricarbocyanine dyes modified with a heavy atom. 
 
 
 One common aspect of fluorescence lifetime discrimination for DNA analysis is that the 
fluorescence is usually collected in the near-IR region (λem > 700 nm).  This is attractive because 
the background observed during typical data collections are minimized since fewer molecules 
exhibit fluorescence in the near-IR.  Since the background produced from scattering and 
impurities usually contributes to limitations in the sensitivity of the measurement.  Also, when 
collecting fluorescence intensities during a separation in a gel medium, the matrix can cause 
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artifacts are overcome when employing near-IR fluorescence measurements, particularly since 
the scattering effects are reduced as a result of the 1/λ4 dependence on the Raman scattering 
cross section at longer wavelengths.     
 
 
Figure 1.26 Absorbance and emission profiles of heavy-atom modified tricarbocyanine dye-
primers measured in a 6%T5%C non-polymerized acrylamide solution containing 
1x TBE and 40% formamide. 
 
 
 To demonstrate the advantages of using near-IR fluorescence detection, a study was 
performed directly comparing the sensitivities of identical experiments performed using a visible 
dye at 488 nm and a near-IR dye at 780 nm.58  It was determined that the limit of detection at 
SNR = 3 was 1.5x10-18 mol for a fluorescein-labeled dye primer while a near-IR dye-labeled 
primer had a limit of detection of 3.4x10-20 mol after gel electrophoresis in a capillary.  This 
improvement was found notwithstanding the fact that the quantum yield of the visible dye-
labeled primer was 0.9 and the near-IR dye was only 0.07.  In addition, improvements were 
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noticed in the sensitivity of the separation when incorporating near-IR dyes even though 
denaturants were included in the gel medium which typically increase the background when 
using visible fluorescence.   
 Aside from the gains in sensitivity offered by near-IR fluorescence, other advantages 
make this technique appealing to DNA analysis applications.  In particular, the instrumentation 
employed for near-IR detection is simple, often requiring inexpensive laser diodes and avalanche 
detectors.  Due to the solid-state nature of these components, the detector can be operated for 
extended periods of time, requiring little maintenance or operator expertise.  In addition, near-IR 
fluorescence has been demonstrated in various applications such as in slab gel electrophoresis 
where a detection sensitivity of 2000 molecules was reported for DNA sequencing.59  In fact, 
near-IR fluorescence measurements have been made with single molecule detection efficiency.60  
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 Chapter 2  
Fabrication and Utility of Microchip Electrophoresis Devices 
 
 One avenue for advancing methodologies associated with DNA sequencing involves 
miniaturization of various sample processing components and at the same time, reducing their 
functioning time.  This is also true when improving analytical techniques, such as electrophoretic 
separations.  Since the concept of miniaturizing total analysis systems on planar substrates was 
introduced for chemical sensing,1, 2 advances have been made to reduce the platform size for 
analyzing the separation of biomolecules as well as incorporating multiple off-line procedures 
onto a single platform; often referred to as lab-on-a-chip technology.  As such, reducing the 
geometric size of the separation column does result in a faster analysis time.   
 The pioneering work of Manz and Harrison generated microfluidic devices in glass 
materials by means of wet etching, with initial examples of capillary electrophoresis (CE) on a 
chip analyzing two fluorescent dyes.3-5  Since then, numerous methods to produce these micro-
sized devices, such as lithographic methods, wet and dry etching, and imprinting have been 
introduced.  The actual procedure employed is often dictated by the substrate selection, which 
can limit the particular fabrication means.  In instances where replication masters are fabricated, 
multiple microchip electrophoresis devices can be manufactured through hot-embossing, 
injection molding, imprinting, and casting tehniques.  This chapter will discuss the use of 
different substrates for microchip electrophoresis and the manufacturing methods employed.  
Conditions will also be evaluated to show the applicability of polymer substrates to lifetime 
discrimination for identifying fluorescent dyes, for example in DNA sequencing applications.     
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2.1  Development of Microfluidic Devices 
 In general, two groups of substrates exist for microfluidic devices – glass and polymers.  
Early work focused primarily on glass-based substrates since they exhibited excellent optical 
properties, and high chemical stability.  A fluidic network was formed by etching troughs into 
the substrate by lithographic and wet-etching techniques.  Briefly, a glass wafer is masked with a 
metal layer or photoresist (etch mask), on which the device topography is transferred via 
lithographic patterning.  After removal of the patterned areas, the exposed regions of the glass 
are etched by a buffered acidic (HF/HNO3/CH3COOH) solution.  The etchant will typically etch 
at a constant rate in all directions, usually causing some undercutting of the etch mask.  The 
dimensions of the fluidic network are usually a function of the etching rate of the solution, the 
time the substrate is etched, and the crystallinity of the substrate.  For example, some single 
crystal substrates such as silicon exhibit anisotropoic etching in certain etchants resulting in 
trapezoidal shapes since the etch rate is not uniform in all directions.  Isotropic etching is 
typically characterized by semi-circular troughs and can be used in conjunction with anisotropic 
etching processes to smooth out any rough edges formed.  Both etching methods, however, 
produce low aspect ratio channels (defined here as the ratio of feature height to its lateral 
dimensions) typically around 2:1.6   These shapes are depicted in Figure 2.1.    
 It is advantageous to utilized glass-based substrates for electrophoresis devices since their 
material properties are well characterized from years of use in capillary electrophoresis.  In 
addition, the optical clarity makes this substrate appealing for ultra-sensitive spectroscopic 
detection due to the favorable optical properties of glass.  However, the fabrication of individual 
microfluidic device requires the etching process be reproduced, a step which introduces 
variances in device-to-device manufacturing.  Due in part to the toxic nature of the etchants,  
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Figure 2.1 Channel geometries resulting from wet etching processes.7 
 
fabrication of microfluidic devices using etching techniques is not amenable to inexpensive mass 
production of devices.  Furthermore, the demands on the microfluidic devices to include sample 
processing integration and post-analysis interfacing suggest that alternative fabrication 
techniques be applied to microdevice manufacturing. 
 Polymer substrates have emerged as attractive alternatives for microfluidic devices, due 
mostly to the wide selection of material, the greater choice of fabrication technologies, and the 
ability to fabricate high aspect ratio microstructures (HARMs).8-10  In addition, polymers lend 
themselves to incorporation of multi-depth features, typically utilized in lab-on-a-chip devices.  
There are numerous methods available to produce microfluidic devices in polymer substrates 
such as laser ablation, wire imprinting, hot embossing, injection molding and LiGA technologies 
(LiGA is an acronym derived from the German words for lithography, electroplating and 
molding – lithographie, galvanoformung, and abformung).  Although microchannels can be 
formed through direct patterning of individual devices, the machinability of polymers lends 
themselves to mass production via molding tools; one major advantage of employing polymer 
substrates is their high device-to-device reproducibility.  These molding tools can be formed 
from silica, graphite, quartz, or various metals to provide a rigid master for replication with high 
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precision.  The vast availability of polymer materials such as polycarbonate (PC), 
poly(dimethylsiloxane) (PDMS), poly(methylmethacrylate) (PMMA), polypropylene (PP) and 
polystyrene (PS) as well as copolymers such as cycloolefin copolymer (COC) make it easier to 
select a substrate according to the specific application in which it will be employed.  Properties 
such as chemical/biochemical compatibility, optical transparency, thermal properties as well as 
surface functionalities can prove one polymer superior over another for a given analytical 
technique.11-13   
 Many microfluidic devices utilize electrophoresis to carry out analytical separations.  As 
such, many constraints are placed upon miniaturization of the separation platforms, particularly, 
the total separation column length and retaining sensitivity with decreased sample load volumes.  
It has been proven that the degree of scaling is limited by the resolution required in the analysis; 
specifically that in a constant electric field, LR ∝ , where R is the resolution and L is the 
length of the channel.14  It is noteworthy that this factor is independent of any sieving matrix.  
However, in the case of DNA sequencing, rather long channels (>20 cm) must be incorporated to 
achieve sufficient read lengths.15  To retain the miniaturized footprint of the microfluidic device, 
turns can be incorporated into the design to accommodate an extended length channel.  
Unfortunately, increased zone dispersion due to variances in the migration times of the analyte 
and the electric field across the width of the channel as demonstrated in Figure 2.2 is a 
consequence of adding turns to the microchannel.16  As an analyte band migrates through the 
turn, individual molecules will migrate different distances and be affected by the electric field at 
their particular location within the channel.  This phenomenon is referred to as the “racetrack 
effect” and the effects can be partially overcome by several means.  One way to correct the 
skewed bands due to the turn is to incorporate an opposite turn to return the bands closer to their  
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Figure 2.2 Depiction of analyte migration through a turn on a folded microchannel.16  The 
electric field strength experienced and the distance traveled by a molecule will 
depend upon its position across the width of the channel.  Variances can introduce 
dispersion as the molecules on the inside of the channel migrate faster than those 
on the outer region. 
 
original configuration as they travel through the channel.  This effect, however, does not 
completely circumvent band spreading due to diffusion that occurs in the lateral direction before 
the correction is made.  Another way to reduce the amount of zonal dispersion due to 
geometrical turn effects is to reduce the width of the channel through the turn, since the variance 
is dependent upon  the width.16  Unfortunately, reducing the channel width to reduce dispersion 
will affect the detection sensitivity, since the load volume is decreased.17  An alternative method 
was presented by Paegel et al (Figure 2.3) in which the width of the channel was reduced 
immediately before and after the turn, while maintaining a similar radius of curvature employed 
in other chip designs.18 
 To circumvent decreased sensitivity and zonal dispersion in long channels containing one 
or more turns, the channels would ideally be narrow and deep.  It is here that the benefits of 
polymer substrates for microdevices are realized.  Using LiGA-based techniques, especially, 
allows fabrication of channels with 90° channel walls, with respect to the top/bottom surface, 
ensuring the width of the channel remains narrow through the depth.  It has been reported that a 
microfluidic device fabricated in PMMA possessing multiple turns introduced minimal variance  
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Figure 2.3 Depiction of a tapered microchannel used to reduce the amount of zonal 
dispersion through the turn by reducing the width of the channel.  The variables 
are further explained in the reference.18   
 
as a result of the turns to the total variance of the device.19  This was a result of the channel 
having a width of 20 µm to reduce zonal dispersion and a depth of 50 µm to aid in the detection 
sensitivity, which was comparable to results obtained in conventional capillary electrophoresis.  
Although comparable geometries can be obtained in glass using dry etching techniques, the cost 
is often prohibitive to wide-scale manufacturing of microfluidic devices with such size scales. 
 An attractive aspect of polymer substrates is the relatively low electroosmotic flow (EOF) 
associated with the substrate as compared to glass-based substrates.  With glass, which has been 
used and studied extensively, some type of chemical passivation is usually required when 
analyzing molecules in an electrokinetic system.  By using polymer-based devices, selection of 
an appropriate material may eliminate the need for surface modification or coating.  However, 
with such a large variety of polymers, each possessing unique surface properties, very few have 
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been characterized or have developed modification schemes.  Another advantage of using 
polymers is their relatively low glass transition temperatures (Tg) making assembly of the 
devices to enclose the channels easier through means of thermal annealing than encountered in 
glass which requires temperatures exceeding 600° C.      
2.2  Optical and Material Properties of Polymer Substrates   
 Glass-based devices are popular due in part to their high optical clarity.  Although some 
microfluidic applications have no regard for the optical properties of the device such as using 
conductivity or fiber optics for detection of analytes, many employ some type of luminescence 
detection methods.  As alluded to earlier for sequencing applications, fluorescence detection is a 
highly sensitive method, which can easily be incorporated with the microfluidic platform.  By 
improving the instrumental optics, fluorescence detection can reduce some of the strains placed 
on the sensitivity by the decreased load volumes associated with microfluidic devices.  However, 
when choosing a polymer-based substrate for the microfluidic device, considerations for the 
optical clarity must be addressed.  Specifically, the autofluorescence exhibited by some polymers 
at a given wavelength (Figure 2.4) can interfere with the detection of analytes labeled with 
excitable chromophores.13  Although many applications are performed in the visible region of the 
spectrum due to the wide variety of chromophores, the advantages of using near-IR fluorescence 
have been presented in Chapter 1, specifically the reduced background levels.  As can be seen 
from Figure 2.4, glass exhibits very little autofluorescence at either wavelength shown, while 
many of other polymers have increased autofluorescence levels, with the exception of PMMA.  
 When coupling the material properties with the optical properties as summarized in Table 
2.1, many of the listed polymers possess favorable dielectric strengths, as compared to glass.  
This property enables application of high electric fields during electrophoresis without  
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Figure 2.4 Fluorescence generated from excitation with either a 488 nm or 780 nm laser 
impinging upon glass and various polymer sheets.  Signals were generated using  
1.0 mW of laser power.  PMMA = poly(methylmethacrylate); PC = 
polycarbonate; PP = poly(propylene); PET =  poly(ethylene terephthalate); 
CTFE = poly(chlorotrifluoroethylene); ABS = poly(acrylonitrile-butadiene-
styrene).13 
 
compromising the integrity of the substrate.  However, many of these also exhibit lowered 
thermal conductivities than glass, which may result in reduced separation efficiencies from 
thermal convection as a result of joule heating.  All of the polymers possessed EOF values much 
lower than glass (PET and CTFE values not obtained)20 in their native state.  However, coating 
glass with a neutral polymer produces an EOF of 1.25x10-5cm2/Vs,21 which is significantly lower 
than all of the polymers in their native state.  Another aspect to investigate when using polymer 
surfaces is the surface charge density, which generates the EOF.  In many of the polymers in 
Table 2.1, there are no ionizable surface groups in the monomer unit, suggesting that stabilizers 
and additives used to enhance the polymerization process may be contributing to the surface 
charges driving the EOF.  This is not a desirable attribute for polymers, since the polymer 











































@ pH 9.2 
Glass >800 11 1.5 Good/Good Insoluble Transparent/ Transparent 4.21 
PMMA 105 15 0.17-0.19 Good/Fair Soluble Opaque/ Transparent 2.07 
PC 140 15-67 0.19-0.22 Poor/Fair Soluble Opaque/ Transparent 2.22 
PP 100-105 30-40 0.1-0.22 Good/Good Insoluble Opaque/ Opaque  1.07 
PET 115 17 0.15-0.4 Good/Poor Slightly Soluble Transparent/ Transparent N/A 
CTFE 115 40 0.16 Good/Good Insoluble Opaque/ Opaque N/A 
ABS 98 20-25 0.17 Good/Fair Soluble Opaque/ Opaque 0.92 
 
† Values obtained from the Matweb material data base and Goodfellow corporation’s technical data information.  PMMA = 
poly(methylmethacrylate); PC = poly(carbonate); PP = poly(propylene); PET = poly(ethylene terephthalate); CTFE = 
poly(chlorotrifluoro-ethylene); ABS = poly(acrylonitrile-butadiene-styrene). 
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The location of additives and stabilizers within the polymer chain units of the substrate could 
produce “hot spots” of localized charges which could generate dispersion effects and variances 
in the EOF.22  The polymer selected for electrophoretic separations must possess a favorable 
compromise between optical properties, machinability, and electrophoretic performance, 
including the effects of its EOF and heat dissipation.     
2.3  Polymer Microfluidic Device Production 
 As mentioned earlier, there are numerous methods to produce polymer microfluidic 
devices such as laser ablation, wire imprinting and LiGA methodologies.  Similar to fabrication 
of glass devices, polymers can be designed through these direct-write processes.  To capitalize 
upon the high device-to-device reproducibility offered by polymer substrates, it is more efficient 
to machine a molding tool for precise replication of microfluidic devices.  Following production 
of a molding tool (die), which can be fabricated by a variety of means, the devices can then be 
replicated by injection molding, casting or forming, or by hot embossing the substrate with the 
molding tool.  The following sections will explain the processes employed in this research to 
produce polymer microfluidic devices formed from molding tools.   
 In this work, two methods were employed to manufacture molding tools for precise 
replication of our microfluidic devices.  The first method used extensively was X-ray LiGA, 
which produced a rigid nickel molding master for mass replication of a given topography.  The 
second method, high precision micromilling, was used to produce brass molding tools with the 
intent of prototyping a given topography prior to manufacturing a nickel master.  The process for 
producing both types of mold masters will be described.  Both the nickel and the brass tools 
employ the same hot-embossing procedures, the method of choice for production of the polymer 
microdevices. 
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2.3.1  LiGA Methods for Nickel Molding Die Fabrication 
 A technique for fabrication of microelectromechanical systems (MEMS) from a nickel 
molding tool has been reported by our laboratories.23  This technique utilized x-ray lithography 
or LiGA to develop microstructures for subsequent hot-embossing.  The word LiGA is a German 
acronym for lithographic galvonoformung abformung (lithography, electroplating, molding), and 
as the name suggests, involves three basic steps, which are outlined in Figure 2.5. 
 Initially, the microchip topography was configured using an AutoCAD program 
(Autodesk Inc., San Rafael, CA), after which the pattern was transferred to an optical mask (LSI 
Photomask, AZ).  The optical mask consisted of a 5”x 5” soda lime wafer coated with chromium 
and a positive photoresist, AZ1518 (Shipley, Tempe, AZ).  The positive resist was then exposed 
to UV light by a pattern generator transferring the topography to the mask.  After developing the 
photoresist, the chrome was etched away, revealing the desired microdevice pattern.  The mask 
was then rinsed in acetone to remove the remaining positive resist and the chrome served to 
block ultra-violet light during generation of the x-ray mask. 
 The microchip design was subsequently transferred from the optical mask to an x-ray 
mask.  A transparent substrate capable of effectively filtering low energy x-rays was necessary, 
therefore, a Kapton® polyimide film 25 µm thick was used.  Since polyimide is a non-conductive 
material, a thin layer of Cr [50 Å], followed by a layer of Au [300 – 500 Å] was thermally 
deposited onto the film by a Temescal e-beam evaporator (Fairfield, CA) to serve as a plating 
base.  A negative SU8-25 photoresist (Microchem, Newton, MA) was spin-coated to a thickness 
of 15 µm using a PWM101 light duty photoresist spinner (Headway Research Inc., Garland, 
TX).  The optical mask previously generated was placed in direct contact with the resist-coated 
Kapton® mask and exposed to UV light.  After development of the resist, plasma cleaning was 
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performed to remove residual resist before electroplating Au to a thickness of 8 µm in the 
undeveloped area.  The thick layer of gold served to absorb the soft x-rays from the synchrotron. 
 
Figure 2.5 Outline of procedure for producing a nickel mold master (nickel electroform) for 
hot embossing PMMA microelectrophoresis devices using X-ray lithography.  
Also shown is production of the Kapton® x-ray mask. 
 
 In fabricating the mold insert, it was necessary to choose a rigid material for the plating 
base that would withstand the machining and temperatures used in electroplating and hot 
embossing of the microstructures.  A stainless steel base was chosen, and cut into 4.75” circles, 
after which the surface was planarized.  To ensure the nickel microstructures would adhere to the 
























(Puma Chemical, Warne, NC) with –2 V applied to the round.  A thin layer of nickel (< 1 µm) 
was electroplated onto the surface from a nickel chloride solution.  A 3 mm wafer of 
poly(methylmethacrylate), PMMA, (Goodfellow, Berwyn, PA) was used as a positive resist 
during x-ray exposure.  To adhere the polymer to the plating base, a 9% PMMA in cyclobenzene 
solution was spin-coated onto the base, and allowed to melt, after which the wafer was solvent 
bonded with methyl methacrylate. 
 To set the microstructure vertical dimension, the PMMA wafer was fly cut to the desired 
channel height and the exact thickness was used for dosage calculation for x-ray exposure.  
During x-ray lithography at the Center for Advanced Microstructures and Devices (CAMD), the 
x-ray mask previously generated was placed in front of the PMMA resist and a bottom dose of 
3000 J/cm3 was delivered.  The exposed areas were developed in a GG developer, which was 
comprised of 60% di(ethylene glycol)butyl ether, 20% morpholine, 5% ethanolamine, and 15% 
ddH2O.  After all exposed resist was removed, the reaction was stopped in GG rinse, which 
consisted of 80% di(ethylene glycol)butyl ether, and 20% ddH2O. 
 Prior to electroplating of the microstructures, the stainless steel base was again activated 
in a C-12 activator.  The sample was then placed in a 55ºC nickel sulfamate electroplating bath 
(pH = 4.0) with a current density of 25 mA/cm2 until the metal microstructures were slightly 
higher than the PMMA resist.  The surface was then planarized to the pre-determined resist 
height using a surface grinder with a diamond grit wheel and polished afterwards to obtain 
smooth structures.  The remaining PMMA resist was dissolved in chloroform to reveal the raised 
features of the microdevice molding die.  Figure 2.6 shows a molding tool fabricated by 
electroplating nickel onto a stainless steel substrate along with an SEM of the cross injection area 
of the device.  
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Figure 2.6 (A) Picture of a molding tool fabricated from electroplating nickel onto a stainless 
steel substrate.  (B) SEM of the microfeatures at the injection cross of the molding 
tool in (A). 
 
 
2.3.2  Micromilling Methods for Brass Molding Tool Fabrication 
 Although we have relied extensively on x-ray LiGA methods for fabrication of nickel 
metal molding tools to manufacture polymer microdevices through hot-embossing, we have 
recently incorporated a high precision micromilling machine in an effort to rapidly obtain 
prototype molding tools at a lower manufacturing cost.  In doing so, we have generated fairly 
robust molding tools within several hours, eliminating the extensive steps involved in LiGA 
fabrication methods.  The microdevice topography was generated using an AutoCAD 
engineering program and a Kern MMP 2522 high precision micromilling and drilling machine 
(KERN Micro-und Feinwerktechnik GmbH & Co.KG, Murnau, Germany) was used to mill 
features into our metal substrates.  For this study, sheets of engraver’s brass (alloy 353, 
McMaster-Carr, Atlanta, GA) typically 0.25 inches thick were machined to 4.5 – 5 inches in 
diameter.  Given the substrates flexibility, special care was demonstrated during planarization to 
reduce machining errors, with surface flatness typically having ±2 µm variances.  These brass 
A B
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plates were mounted onto the spindle, where an infrared touch probe determined the exact 
positioning of the drill bit within 1 µm accuracy.  For rapid milling of the microstructures, 
milling bits with a radius of 500, 200 or 50 µm were used (Quality Tools, Hammond, LA).  The 
milling machine operated at 40,000 rpm with feed rates optimized for high quality 
microstructures obtained in minimal machining times.  Typically, feed rates were in the range of 
200 mm/min, 100-150 mm/min and 10-20 mm/min for 500, 200 and 50 µm milling bits, 
respectively.  Since the particulates generated from milling were vacuumed away from the 
surface, a cooling liquid was not necessary.  The milling machine was fitted with a laser 
measuring system (LaserControl NT, Blum-Novotest GmbH, Germany) for automatic 
determination of tool length and radius, and an optical microscope (Zoom 6000, Navitar, Inc. 
Rochester, NY) for monitoring the milling process.   
 Following machining of the brass substrate, the molding tool was heated to 140ºC and a 
polymeric filler (Crystal Bond 509, SPI, West Chester, PA) was melted onto the surface to 
uniformly fill the voids on the molding tool.  The filler offered support for the microfeatures 
during polishing.  The polymer-filled brass molding tool was then lapped using a lapping 
instrument (Hyprez Diamond Lapping System, Engis, Wheeling, IL), with a final 1 µm size 
diamond slurry completing the process.  The filler was subsequently removed by dissolving in 
acetone and the resulting brass molding tool was used for hot-embossing the microfeatures into 
our polymer substrates. 
2.3.3  Hot-Embossing Polymer Microfluidic Devices 
 The fabricated metal molding tool is used to hot emboss microfeatures into various 
polymers.  Generally, these molding tools are 4.5 – 5 inches in diameter, and are mounted onto 
an in-house built vacuum chamber.  Figure 2.7A shows the two separate components of the 
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vacuum chamber.  On one side, the molding tools are screwed into the chamber while on the 
other side, a polymer wafer is locked into position by an outer rim screwed into the floor of the 
vacuum chamber.  These two components are then sandwiched together through piston 
alignment at the four corners.  Air from the chamber is subsequently removed by drawing a 
vacuum through a side valve to ensure continuous contact between the polymer wafer and the 
molding tool; the chamber remains air-tight through an O-ring seal. 
 
Figure 2.7 Components used to hot emboss polymer microfluidic devices. (A) Vacuum 
chamber used to mount polymer substrate and metal molding tool.  (B) PHI 
Precision Press used to apply pressure under controlled temperature conditions to 
the polymer substrate housed within the vacuum chamber. 
 
 
 After assembly, the chamber is placed into a PHI Precision Press, model TS-21-HC(4A)-
5 (City of Industry, CA).  The entire system is shown in Figure 2.7B, with the vacuum chamber 
positioned for embossing between the upper and lower platens.  During the embossing process, 
the polymer wafer is heated to a specified temperature, usually at a temperature above the glass 
A B 
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transition temperature (Tg) but still below the melting point of the polymer.  Doing so facilitates 
movement of the polymer chains such that complete filling of the molding tool is achieved due to 
the viscoelastic condition of the polymer.  The temperature of the platens is controlled by 
external monitors and adjusted to maintain consistency in the polymer temperature.  The platens 
are simultaneously pressurized, typically being subjected to 1000 lbs of pressure.  These 
conditions are held between three to twelve minutes, the exact time determined by the intricacy 
of the microfeatures.   
 Several problems encountered during embossing are air pockets forming on the wafer 
surface and the wafer warping during removal from the vacuum chamber.  In order to circumvent 
air pocket formation, several steps are introduced.  The first is to thoroughly cleanse the polymer 
wafer by rinsing with 2-proponal followed by acetone.  Secondly, the polymer is baked for at 
least 8 h at 80ºC to remove any water within the polymer.  This reduces the possibility that 
molecules escaping to the surface under the heat and pressure conditions applied do not cause 
formation of any air pockets once the wafer is removed from the vacuum chamber and cooled.  
To prevent the wafer from warping and distorting from its desired shape, the molding tool is 
coated with MoldWiz (Axel, Woodside, NY), a releasing agent which improves demolding.  
Incorporating a cooling apparatus into the vacuum chamber allows the polymer to be cooled to 
room temperature while still in contact with the molding die, essentially freezing the features 
intact before release.  Unfortunately, this method introduces a significant amount of stress into 
the device if not monitored and executed properly, ultimately causing distortions in the features 
during later annealing processes.  An alternate method to reduce curvatures in the device is to 
remove the wafers at an elevated temperature, and clamp to a flat surface while cooling to room 
temperature; alternatively, two wafers can be positioned back-to-back and clamped together to 
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achieve the same result.  Figure 2.8 shows microdevices hot embossed from the molding tool 
shown in Figure 2.6 along with an SEM of the injection cross area in PMMA. 
             
Figure 2.8 (A) Picture of microdevices hot embossed using the nickel molding tool shown in 
Figure 2.6.  (B) SEM of injection cross area of a PMMA device shown in (A).   
 
 
2.3.4  Finishing and Assembly of Microfluidic Devices  
 Once an embossed device is in hand, there are a series of finishing steps employed prior 
to actual analyses on the microdevices.  Because most of the embossing is done outside a clean 
room environment, the molded devices are often subject to particulate accumulation as well as 
contamination from releasing agents.  Another factor to consider is the finishing processes.  
Often, the diameter dictated by the wafer size (~4 inches) is not the desired working size; or 
rather, the dimensions can be reduced for easier handling.  This can be achieved by cutting the 
wafer to a desired shape following embossing.  To facilitate electrokinetic operation, buffer 
reservoirs are formed by drilling holes, usually 1 mm in diameter, into the microchip at the ends 
of the channel; the total volume is dependent upon the thickness of the polymer wafer.  
Lubricants and other organic solvents are employed to ensure smooth edges during machining, 
and to prevent polymer buildup on the machining tools; thus, the remaining residue needs to be 
removed prior to usage.   
A B 
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 Before final assembly, the microdevice requires thorough cleansing.  This is 
accomplished by rinsing with copious amounts of a polar solvent such as 2-proponal, followed 
by sonication in dH2O for at least ten minutes, and finally drying under nitrogen gas.  To enclose 
the microchannels, a thin cover slip made of the same polymer, typically 0.1-1 mm thick is 
thermally bonded to the finished and cleaned wafer.  Once aligned, the wafer and cover slip are 
sandwiched between two glass plates and placed into a convection oven where it is heated to the 
Tg of the polymer for a specified period of time, usually < 30 min.  After removing from the 
oven and cooling, the annealed microdevices are ready for use. 
2.4  Selection of Appropriate Substrate Material for Fluorescence Studies  
 As suggested by Figure 2.4, polymers exhibit different autofluorescence properties at 
different wavelengths.  In our laboratory, sequencing of four bases in a single capillary was 
performed using a two-color, two-lifetime system operating at 680 nm and 780 nm.  To 
effectively transfer the technology to a polymer-based microfluidic device, the compatibility of 
the substrate with the LIF system needed to be analyzed to ensure the background levels do not 
interfere with detection of the analytes.  Due to its overall favorable qualities, PMMA has 
promise as an attractive material for cost-efficient mass production of microfluidic devices used 
in applications requiring fluorescence detection.  PMMA was selected primarily due to its low 
autofluorescence in the near-IR, however, different brands of PMMA exhibited different 
characteristics at 680 nm.  To reiterate, when utilizing fluorescence lifetime discrimination 
methods, the instrument response function (IRF) must be kept to a minimal time width as well 
(refer to Section 1.6.2b).   
 To select the appropriate brand of PMMA for time-resolved fluorescence measurements, 
the IRF values were evaluated at 680 nm.  The machinability of the PMMA sheets were also 
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evaluated as will be discussed in the following section.  Decay values were obtained using the 
TCSPC system described later in Chapter 3 and illustrated in Figure 3.1.  Glass transition 
temperatures of the different PMMA sheets were determined from differential scanning 
calorimetry (DSC) measurements obtained using a Seiko heat-flux DSC6200 EXSTAR system 
(Thermo Haake USA, Madison, WI) coupled to a Seiko II Data Acquisition and Analysis 
System.  Samples of PMMA (~2 mg) were placed in aluminum pans designed for 
thermogravimetric analysis.  An empty pan served as the reference.  The sample was heated from 
an initial temperature of 25°C at a rate of 5°C per minute to a final temperature of 150°C under 
nitrogen gas.  Glass transition temperatures (Tg) were measured at the onset of a change in heat 
capacity of the polymer sample using the available Seiko II software. 
 During collection of fluorescence decays, the apparent IRF, which is composed of the 
finite response of all the electronics used for TCSPC as well as luminescence generated from the 
polymer substrate or the materials required for the analysis must be considered.  Particularly, 
since the IRF sets a lower limit on the lifetimes that can be calculated when deconvolution is not 
used in the processing algorithm, such as maximum likelihood estimations.  The IRF will bias 
the calculated lifetime for a given sample, with longer IRF values introducing a larger bias.  In 
addition, since MLE only extracts a single lifetime value from even multi-exponential decays, 
the background luminescence can complicate extraction of the correct lifetime from the decay.  
Therefore, the response generated from the polymer substrate must be evaluated in order to 
select one that does not give large background fluorescence when excited at 680 nm. Decay 
profiles were collected from the surface of several pristine polymers to determine the 
compatibility of the substrate for fluorescence lifetime measurements.  The results are shown in 
Figure 2.9.  We restricted our survey to only PMMA-based substrates, since we have previously 
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shown that PMMA possesses favorable optical properties when using steady-state laser-induced 
fluorescence in the near-IR. 13  In general, the apparent IRF, which is composed of the limiting 
performance of the electronics and the luminescence and/or scattering produced from the 
substrate, is measured as the time width of the full width at half maximum (FWHM).  Typically, 
silica capillaries used in near-IR lifetime measurements generate an IRF with a FWHM <400 ps 
when filled with various sieving matrices.24  Previously, we reported an IRF for the TCSPC 
instrument used here to be 450 ps when used with slab gels.25  The Lucite® brand 
Figure 2.9 Decay profiles obtained from various polymer substrate materials.  Measurements 
were taken from pristine sheets of PMMA to evaluate the instrument response 
function associated with each material.  The lasing power was set at ~2.5 mW 
with an excitation wavelength of 680 nm, a repetition rate of 40 MHz, and a 
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polymer possessed noticeable luminescent properties, as indicated by the large amount of 
photocounts registered and the broad IRF, having a FWHM value of 1260 ps.  Similar response 
functions were observed for the other PMMA brands investigated, with the FWHM ranging from 
380-546 ps (see Table 2.2).  After examining the time widths closer to the base of the decay 
(FWM0.1, see Table 2.2), cast acrylic proved to have a better IRF (FWM0.1 = 1050 ps), followed 
by a modified acrylic sheet, FWM0.1 = 1750 ps, and finally Plexiglas® with a FWM0.1 value of 
2240 ps.  The shorter time width of the IRF at FWM0.1 indicates less background photons 
included into the time window used for calculating the lifetime.  From this data, either acrylic 
brand PMMA substrates should give satisfactory IRF values for lifetime determinations using 
MLE algorithms.   
 We were also interested in evaluating the machinability of these polymers using hot 
embossing.  When hot-embossing the acrylic sheets, a channel depth less than 50% of that set by 
the dimensions of the molding tool was found while both Plexiglas® and Lucite® were hot 
embossed to the desired depths using 155ºC for 3 min.  After measuring the glass transition 
temperatures for the acrylic sheets investigated, it was found that the Tg values were higher than 
Plexiglas® or Lucite®.  It was deduced that the latter materials most likely contain additives, such 
as plasticizers or stabilizers, which would lower their Tg (see Table 2.2), thus making them easier 
to emboss using our current embossing conditions.26  This would also help to explain the 
increase in background luminescence observed in these sheets as evidenced by the higher 
FWHM values, which may be a direct consequence of such additives.  Following this 
assumption, the absence of additives in the acrylic sheets would result in both smaller IRFs and 
higher Tg’s.  In order to obtain complete embossing of microstructures using the acrylic sheets, 
the temperature during embossing was increased to ~185ºC and held for 5 min in order to reduce  
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Table 2.2 Values of the full width at half maximum (FWHM) height and full width at 1/10 
maximum height (FWM0.1) of the instrument response function for various 
polymers.  Also shown are total photocounts generated from each polymer.  For 
each polymer, the embossed channel depths are listed (molding tool possessed  a 
channel depth of 120 µm); microdevices were embossed by heating PMMA 
substrates to 155°C for 3 min while embossing against a nickel master under 1000 
lbs of pressure.  The Tg was determined using DSC. 
 
 
replication errors.  From this information, we determined that the Plexiglas® sheet was the 
material of choice for our electrophoresis chip, because it provided both favorable machinability 
characteristics using high embossing temperatures as well as reasonable IRF values to produce 
highly accurate lifetime values in the selected dye set for this application. 
2.5  Topography and Operation of the Microfluidic Device 
 The topography for the microdevice used for electrophoresis is illustrated in Figure 2.10.  
The channel dimensions are patterned to 25 µm in width with two turns incorporated to retain the 
compactness of the device.  The 11 cm long serpentine channel (effective length = 9.5 cm) 
entailed a double-T injector with an offset of 500 µm and 0.5 cm side-arm channels; the depth 
throughout was 120 µm.  The turns had a radius of curvature of 1000 µm; coupled with the 
narrow channel width throughout, the racetrack artifact discussed earlier was minimized.  The 










Plexiglas® 1.02 e+004 546 2240 119 – 123 107.6 
Lucite® 6.75 e+005 1031 2870 120 – 122 108.7 
Modified 
Acrylic 1.21 e+004 514 1750 48 – 51 110.9 
Cast    Acrylic 7.17 e+003 380 1050 8 – 10 119.5 
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contribution to zonal dispersion from geometric artifacts was calculated as less than 2% of the 
total zone variance using the following equation:16 











where 2turnσ is the zone variance introduced by turns, θ is the turn angle in radians, w is the width 
of the channel, tD/tt  is the ratio of the diffusion equilibrium time (tD) to the turn transit time (tt) 
and X is a constant.  Before assembly, 1 mm holes were drilled into the 3 mm thick PMMA 
wafers to serve as reservoirs.  After cleaning the embossed PMMA microdevices, a thin PMMA 
cover slip (0.5 mm) was thermally annealed to the chip by clamping the assembled microdevice 
between two glass plates and heating to 107ºC for 12 min in a GC oven.      
 
Figure 2.10 Left:  Illustration of topography for sequencing chip.  Microdevice is 11 cm in 
length, with channel dimensions 25 µm wide and 120 µm deep; Rectangular 
structures aid in thermal annealing of the PMMA cover slip to the microdevice.  
Reservoirs are formed from 1 mm holes drilled through the 5 mm chip thickness; 
A = sample, B= waste, C = buffer, D = anode / detection.  Right:  Schematic of 
injection cross illustrating the “double T” injector and injection process.  The 



























 Prior to performing electrokinetic separations, the channel was filled with buffer or a 
sieving matrix.  For free solution analyses, the entire chip is filled with buffer by pushing the 
solution through the channel from the anodic reservoir.  Similarly, when using a sieving matrix 
for gel electrophoresis, the matrix is introduced into the channels at the anodic end.  Due to the 
viscous nature of the gels employed, either a vacuum can be applied to any of the three 
remaining reservoirs to pull the gel through, or high pressure can be applied to the gel to push the 
matrix through the channels.  Typically, several channel lengths of gel (<1 µl) are introduced 
into the channel to ensure proper filling.  At this point, the gel is allowed to relax to prevent 
convective mixing during the separation from movement of the gel.  Alternatively, the gel can be 
pre-electrophoresed for a given period of time.  One reservoir (i.e. “A” in Figure 2.10) is emptied 
and the sample of interest is transferred with an HPLC blunt tip syringe; the remaining three 
reservoirs are typically filled with the run buffer.   
 To provide high voltage during the separation, an electrophoretic switch box was 
assembled in-house to operate four electrodes through the use of three independent HV modules 
(EMCO, Sutter Creek, CA).  A schematic of the power supply is shown in Figure 2.11, and the 
functionalities of the four electrodes are outlined in Table 2.3.  The HV modules are all capable 
of receiving input of 0 V or +5 V from the DAC outputs of the PCI-MIO-16XE-50 board and 
delivering 0 to +2 kV to electrodes A amd B and +0.3 to +5 kV to electrode D; electrode C is 
grounded.  
  On channel A, an inverter and a two input AND gate were used as a physical switch to 
prevent the switch box from allowing high voltage application and grounding at the same time.  
If a positive (on) signal is received from the “A-TTL (transistor-transistor logic) Connect” 




Figure 2.11 Schematic representation of switch box used to control fluidic movement in microelectrophoresis devices.  Figure key 
in lower right corner identifies components and are described within text.  
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converts the positive signal received on the connect channel to 0 and multiplies it times the 
positive signal received on the ground channel, resulting in no action in the (A1) relay, which is 
open by default.  Only if the two input AND gate receives a positive signal from the ground 
channel and a positive signal from the connect channel (the original input to the inverter is 0) 
will the result be a switch to close relay (A1) and ground channel (A).  On channel (D), another 
relay was used to switch between floating and high voltage application.  Voltage is only applied 
to channel (D) if a +5 V signal is received on the “D-TTL Connect” channel to close the relay.  
Channel (C) remains floating unless a +5 V signal is received on the “C-TTL Ground” channel. 
 The power supply, operated by Labview software was configured into separate 
electrophoretic modes – pre-run, injection, and electrophoretic separation – with each of four 
electrode potentials programmed independently for predetermined amounts of time.  Table 2.3 
shows a representation of the configuration used to drive the electrophoretic movement of the 
DNA analytes.  As illustrated in Figure 2.10, during injection or sample loading mode, an 
electric field is generated along the double-T injection cross for a given time.  During separation 
mode, the direction of the electric field is changed to allow migration down the separation 
channel.  Concurrently, the sample and sample waste reservoirs are typically held between 5 and 
30% of the +HV applied across the separation channel.  These pull-back voltages are applied to 
prevent any diffusion of excess sample into the separation channel during an analysis.   
 In some instances, the separation medium employed requires temperature regulation for 
optimum performance.  For these applications, the microchannel is heated to the desired 
temperature by a flexible Kapton heater (Omega Engineering Inc., Stamford, CT).  The heater is 
constructed with an etched foil element in a coiled circuit configuration with 0.001” - 0.005” 
thickness.  The circuit is encapsulated by two thin sheets (0.002”) of Kapton film, employed due 
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Table 2.3 Representation of computer controlled injection parameters with switching 
functions integrated into the data analysis software.  Mode 1 was used for 
injection of samples; mode 2 for pre-electrophoresis to allow sample to pass 
injection cross and bypass +HV from side channels; mode 3 was used for 
separation of sample.  Location of reservoirs A, B, C, and D were illustrated in 
Figure 2.10.  Parameters showing two values were for free solution followed by 
gel electrophoresis (second time value). 
 
 A B C D Time (sec) 
Mode 1 Ground 0.5 kV Float Float 5 / 60 
Mode 2 Float Float Ground 3.3 kV 3 / 10 
Mode 3 0.3 kV 0.1 kV Ground 3.3 kV  
 
 
to its high degree of chemical resistance.  Lead wires exit the circuit for external operation.  The 
Kapton heater was attached via a pressure sensitive adhesive; alternatively, it can be 
mechanically clamped or glued to the microdevice with epoxy.  Constant regulation of the 
Kapton heating element was monitored by a self-adhesive thermocouple (Omega Engineering 
Inc., Stamford, CT).  The lead wires from both the Kapton heater and the thermocouple were 
connected to a programmable temperature/process proportional integral derivative (PID) auto 
tune controller (Newark InOne, Chicago, IL).  This controller regulated the amount of current 
necessary to maintain the desired temperature (temperature stability = ±0.6°C) based on 
feedback from the attached thermocouple.  Since the thickness of the cover slip could provide a 
medium for heat dissipation prior to heating the channel, a separate needle-point thermocouple 
was employed to determine the actual set point necessary for the desired channel temperature.   
2.6  Comparison of Microdevices Embossed with LiGA and Micromilled Molding Tools 
 One advantage of using LiGA molding tools is the ability to incorporate 90° structures 
with respect to the planar surface.  In addition, LiGA techniques allow fabrication of 
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perpendicular corners in the walls, specifically where the injection area is defined.  One 
limitation of using micromilling methods for fabricating molding tools is the angle at which 
corners intersect, which is limited by the radius of curvature formed by the specific milling bit 
used to finish the molding tool.  As demonstrated in Figure 2.12, there is some curvature in the 
intersection due to the milling bit used.  Since the injection volume is controlled by the 
dimensions of the channels, an additional volume is added to the injection plug for micromilled 
molding tools.  The magnitude of the additional volume (Vadd) for a given channel height (h) is 
proportional to the square of the milling bit radius (R) as given in the following equation:27 
     2add )4( hRV π−=   (2.2) 
However, the additional volume may be inconsequential to certain separations, particularly when 
using a double-T injector, since the contribution of the curved regions is minimal compared to 
the total volume.   
 
Figure 2.12  Scanning Electron Micrographs of microdevices embossed with molding tools 
fabricated by (left) LiGA manufacturing techniques and (right) micromilling 
techniques.  
 
 To demonstrate the applicability of micromilled molding tools for manufacturing 
polymeric microdevices, an electrophoretic separation of a DNA ladder was performed in 
identical devices manufactured from LiGA or micromilled molding tools (data was collected 
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using a system described in Chapter 4, but configured with optics for 630 nm excitation and 650 
nm emission).  Figure 2.13 depicts a pUC19 Sau3AI molecular weight ladder (Abgene, 
Rochester, NY) stained with 1 µM TO-PRO-3 (Invitrogen Corp., Carlsbad, CA) separated in a 
4% LPA gel (1 x TTE buffer).  The sample was injected across the double T injector for 25 s at 
400 V/cm and separated at 110 V/cm.  Using the microdevice embossed with a micromilled 
molding tool, calculated plate numbers of 1.3 x106, 1.4 x106 and 8.4 x105 plates/m for bp 









Figure 2.13 Separation of pUC19 Sau3AI DNA molecular weight ladder in 4% LPA (1 x TTE 
buffer).    Electropherograms were obtained in microdevices embossed with (left) 
LiGA manufacturing techniques and (right) micromilling techniques.  Separation 
conditions are described in text. 
 
 
By contrast, the efficiency generated in a microdevice embossed using a LiGA molding tool was 
1.8 x106 for bp 105, 1.7 x106 for bp 341 and 3.9 x106 for bp 955.  Pullback voltages of 0.25 kV 
and 0.18 kV were used in the micromilled-manufactured device for the sample and waste 
reservoirs, respectively, and 0.23 kV and 0.16 kV for the sample and waste reservoirs in the 
LiGA-manufactured device were applied immediately after the injection to control the injection 































plug.  In this instance, we chose to maintain similar pullback conditions for both microdevices in 
order to compare the results, however, the performance of microdevices manufactured from a 
micromilled tool can be optimized further by adjusting the pull-back voltage applied after the 
injection to suit the particular geometry of the channels.  The results shown suggest that 
disparities in the microdevices arising from manufacturing differences for the molding tool are 
negligible to the electrophoretic performance of the microdevice, making micromilling 
techniques suitable for rapid production of molding tools. 
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 Chapter 3 
 
Near-infrared Time-Resolved Fluorescence Lifetime Determinations in 
Poly(methylmethacrylate) Microchip Electrophoresis Devices 
 
 
3.1  Fluorescence Lifetime Discrimination in Microchip Electrophoresis Devices 
Fluorescence has been demonstrated as a viable detection method for electrophoresis due 
in part to its instrumental simplicity and low limits of detection it offers when using laser-
induced fluorescence (LIF). 1-3  Coupling LIF to capillary gel electrophoresis produces online 
analysis with extremely low limits of detection.  LIF is also useful in multiplexed applications, 
where several targets must be analyzed simultaneously, which is typically based on spectral 
discrimination between different fluorophores possessing unique emission maxima.  This often 
requires the use of extensive instrumentation for detection and is limited in the number of probes 
analyzed due to the broad emission profiles associated with many molecular dye systems.   
One drawback to LIF is that most biomolecules fluoresce in the visible region, which can 
produce large backgrounds, degrading the limit of detection.  However, our group has shown that 
near-IR fluorescence can circumvent these shortcomings,4-6 with lower background levels 
observed during signal collection.  This is attributed to less interference from the matrix and 
impurity molecules that do not display fluorescence in the near-IR.   Another advantage of 
monitoring fluorescence in the near-IR is the reduced scattering effects resulting from the 1/λ4 
dependence on the Raman scattering cross section.  
 Coupling fluorescence lifetime detection with LIF can produce steady-state data, but 
allows the ability to monitor several fluorophores possessing distinguishable lifetime values 
simultaneously for highly multiplexed assays. 7  One of the advantages of fluorescence lifetime 
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determinations is that the lifetime is independent of concentration and the excitation 
wavelength.8  Using fluorescence lifetime discrimination in conjunction with spectral 
discrimination can offer additional information for analysis and identification of biomolecules, 
further increasing the information content available from a single assay. 9 
 Fluorescence lifetime discrimination has been used in slab gel and capillary 
electrophoresis formats for DNA sequencing using two-dye and four-dye systems.10-15  Reports 
using lifetime discrimination have also been made for HPLC and CEC.16, 17  Lassiter and co-
workers used fluorescence lifetime identification to discriminate dye-labeled DNA fragments 
from slab gel images,18 while McGown and co-workers demonstrated fluorescence lifetimes to 
be applicable for identifying DNA fragments using capillary electrophoresis with phase-resolved 
techniques.19  Lieberwirth and co-workers showed fluorescence lifetime identification of 
sequencing fragments in capillary electrophoresis employing time-resolved methods.20  Our 
group has recently demonstrated the ability to perform lifetime measurements of sequencing 
fragments with glass-based devices.21   
Developments in microchip electrophoresis have shown that separations obtained are 
comparable to capillary results, but possess some obvious advantages.  These include reduced 
analysis time, decreased waste production and sample consumption, and diminished effects from 
biased injection.22  However, the reduced size of microchip electrophoresis has placed severe 
requirements on detection.  For example, the small size of the separation channel requires 
smaller injection volumes (Vinj < 100 pL) compared to capillary electrophoresis (Vinj ~ 10 nL) 
and thus, the need for higher sensitivity associated with the detector.  In addition, the speed of 
the separation for microchip electrophoresis demands shorter integration times for signal 
accumulation, again requiring very sensitive read out devices. 
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 Several groups have obtained DNA sequencing data in the microchip format using 
spectral discrimination with most separations being performed in glass substrates.23-27  In these 
instances, the channel surfaces were modified often with a linear polyacrylamide to suppress the 
electroosmotic flow (EOF) in the microdevice and prevent sample adsorption to the walls.  Read 
lengths of >500 bp have been obtained using a variety of sieving matrices and appropriate 
channel lengths.  In all of these cases, base calling was accomplished using spectral 
discrimination with appropriate dye sets containing unique emission maxima. 
While glass is an attractive material for microchip electrophoresis applications due to its 
high optical quality and established modification chemistries, polymers are many times viewed 
as attractive alternatives because of their flexibility in the choice of micromanufacturing process, 
the low cost of the material and the ability to mass produce devices using simple molding 
procedures from a master.28  However, one of the limitations associated with many polymeric 
materials is their less than ideal optical properties.29 
Aside from the constraints placed on detection and electrophoretic performance due to 
geometrical effects when using microchip electrophoresis devices, considerations must be made 
as well to the specific choice of substrate material employed for the microchip.  The material 
should be readily machinable using the prerequisite microfabrication process, it should yield 
favorable electrophoretic performance (i.e., high plate numbers) and produce minimal 
background artifacts.  In addition, the ability to identify fluorophores using lifetime 
discrimination techniques requires minimal contributions to the apparent instrument response 
function (IRF) from the chip substrate to reduce biasing effects in measurements where 
deconvolution is not used in the data analysis.30  It is therefore necessary to investigate the 
compatibility of polymer substrates for lifetime measurements, since the autofluorescence that 
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many polymers produce in certain spectral regions can interfere with the lifetime     
determination.29 
In this chapter, information will be presented on the use of fluorescence lifetime 
discrimination techniques for identifying near-IR labeling dyes attached to DNA fragments 
separated in microchip electrophoresis devices fabricated in PMMA.  The apparatus used to 
measure the fluorescence lifetimes consisted of a pulsed laser diode, an integrated microscope, a 
single-photon avalanche diode with a large photoactive area, and a PC-board incorporating all of 
the time-correlated single photon counting (TCSPC) electronics.18  The fluorescence lifetimes of 
near-IR labeling dyes were investigated to determine the dependence of fluorescence lifetime 
and microchip separation performance on the chip material (different types of PMMA) for 
potential applications in ssDNA analyses using polymer-based microchip electrophoresis 
devices.   
3.2  Materials and Methods 
3.2.1  Instrumentation 
We have previously reported on a compact time-resolved fluorescence imager to obtain 
lifetime and intensity images from slab gels.18  This imager was modified to obtain lifetime and 
intensity data from a microfabricated electrophoresis device.  Shown in Figure 3.1 is a schematic 
of the time-resolved near-IR instrument used in these experiments.  Briefly, the head consisted of 
a modified microscope extracted from a Li-COR 4000 automated DNA sequencer.31  The laser 
(Picoquant GmbH model PDL800, Berlin, Germany) was mounted at an angle of 56º (Brewster's 
angle) on the microscope head with respect to the chip surface to minimize reflected radiation 
from being coupled into the optical system.  The laser was operated at a wavelength of 680 nm 
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with a repetition rate of 40 MHz (pulse width 100 ps, FWHM, with the output beam vertically 
polarized).   
 
 
Figure 3.1   Schematic diagram of the near-infrared laser-induced microscope head with the 
laser mounted at 56º with respect to the microchip surface, and the time-correlated 
single photon counting electronic components incorporated onto a PC board.  The 
laser used operated at 680 nm under ambient conditions with an average power of 
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The counting electronics were configured in a TCSPC format with the electronic 
components situated directly on a single PC card resident on the bus of the PC.  The data 
acquisition software was written in Visual Basic and consisted of several control and data 
acquisition functions, such as streaming both intensity and time-resolved data to the hard drive 
and providing real-time visualization of the acquired data.  After completion of the 
electrophoresis run, the data was compressed and stored.  The data in the compressed binary file 
with the pixel decay information could be displayed as an image of the fluorescence intensity 
and lifetime or as a two-dimensional electrophoretic trace.  The decay profile for each data point 
could be selected either directly from the electropherogram or from the intensity image using a 
cursor.  After construction of the decay profile, the lifetime was calculated directly using 
equation 1 (see below). 
During data acquisition, the program provided automatic high voltage (HV) control to the 
microchip.  The power supply was assembled in-house using three independent HV modules 
(EMCO, Sutter Creek, CA) configured into separate electrophoretic modes – pre-run, injection, 
and electrophoretic separation – with each of four electrode potentials programmed 
independently for predetermined amounts of time.  
3.2.2  Data Analysis 
 Fluorescence decay profiles were constructed from the apex (single pixel) of 
electrophoretic peaks.  The lifetimes were calculated using maximum likelihood estimators 
(MLE) via the following equation:32 
                                                          m 
1 + (eT/τf - 1)-1 - m(emT/τf -1)-1 = Nt-1ΣiNi                   (3.1)                 
                                                      i=1 
 
 
where Nt is the number of photocounts in the decay spectrum, m is the number of time bins 
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within the decay profile, T is the width of each time bin (35 ps) and Ni is the number of photon 
counts in time bin i.  The relative standard deviation is simply given by τfNt-(1/2), where τf is the 
fluorescence lifetime.  Deconvolution of the IRF was not carried out in the data processing.  
3.2.3  Fabrication of Microdevices in PMMA 
We have reported on a method for the fabrication of microelectromechanical systems 
(MEMS) from a nickel master.33  The technique utilizes x-ray lithography to develop a mold 
master with electroplated nickel microstructures (LIGA).  This nickel master is later used for 
production of high aspect-ratio microdevices by hot embossing polymer substrates.  An 
embossing press (PHI Precision Press model TS-21-H-C(4A)-5, City of Industry, CA) was 
utilized to fabricate microstructures in PMMA wafers.  The embossing process has previously 
been outlined.33  The embossed microdevice consisted of an 11 cm long serpentine channel 
(effective length = 9.5 cm) incorporating two opposite turns and a double-T injector 500 µm long 
with 0.5 cm side-arm channels.  The channel dimensions were 25 µm wide and 120 µm deep.  
Before assembly, 1 mm holes were drilled into the 3 mm thick PMMA wafers to serve as 
reservoirs.  After cleaning the embossed PMMA microdevices, a thin PMMA cover slip (0.5 
mm) was thermally sealed to the chip by clamping the assembled device between two glass 
plates and heating to 107ºC for 12 min in a GC oven.   
Commercially available PMMA sheets are generally processed with different 
polymerization initiators, which could potentially produce background artifacts.  To determine 
the amount of autofluorescence produced by the PMMA substrate using 680 nm excitation, 
several brands were purchased and their properties compared.  Two types of cast acrylic sheets 
were ordered from McMaster-Carr Supply Company (Atlanta, GA), while Lucite® was 
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purchased from MSC Industrial Supply Company (Atlanta, GA).  Plexiglas® was obtained from 
GE Polymershapes (Metairie, LA). 
3.2.4  DNA Sample Preparation  
 The labeling dyes used in these studies were Cy5.5 (Synthegen, Houston, TX) and 
IRD700 (Li-COR Biotechnology, Lincoln, NE).  Both dyes were covalently attached to the 5' 
end of an M13 forward (-29) DNA primer (17-mer) through a C6 amino linker.  The acid forms 
of both dyes were first converted to succinimidyl esters before covalently linking them to the 
DNA primers.  Primer samples were concentrated from lyophilized product in distilled water, 
and later diluted in the appropriate buffer for sample analysis. 
Sanger sequencing reactions were prepared using a modified procedure described 
previously for the Amersham 7-deaza dye primer cycle sequencing kit employing an M13mp18 
single-stranded DNA template.18  Thermal cycling was carried out in a Genius series 96-well 
thermal cycler (Techne Inc., Minneapolis, MN) using the following thermal cycling conditions 
(40 cycles): (i) 92°C for 2 s; (ii) 55°C for 30 s; (iii) 72°C for 60s, followed by a final extension 
step at 72°C for 7 min.  For samples incorporating a cleanup procedure to remove excess salts, 
enzymes, dNTPs and ddNTPs, a solid phase reversible immobilization (SPRI) technique using 
CleanSEQTM magnetic particles (Agencourt, Beverly, MA) was used.     
3.2.5  Electrophoresis 
 Several matrices were investigated to determine the lifetimes and separation efficiencies 
of dye-labeled oligonucleotides (17-mer sequencing primer) in PMMA microchips.  Commercial 
sequencing gels, POP-5TM and POP-6TM performance-optimized polymers (Applied Biosystems, 
Foster City, CA) were used as an entangled polymer to separate dye-labeled oligonucleotides.  
This sieving matrix consisted of approximately 6% poly(dimethylacrylamide) (PDMA) and 7 M 
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urea, although the exact concentrations are proprietary.  Free solution electrophoresis of the 
oligonucleotides was carried out in a 1X TBE buffer solution (pH=8.4) 
A linear polyacrylamide (LPA) sieving matrix was prepared from high-viscosity-average 
molecular mass powder (~6 MDa) (Polysciences Inc., Warrington, PA) dissolved in 1X TTE (50 
mM Tris/50 mM TAPS/2 mM EDTA) buffer with 7 M urea for electrophoretic separation of 
DNA fragments.  The 4% (w/v) LPA was replaced between each run from the anodic end of the 
separation channel.  The electrophoresis buffer, consisting of 1X TTE buffer, was also changed 
after each run.  The matrix was pre-electrophoresed for 3 min at 200 V/cm through the 
separation channel with sample and waste reservoirs floating. 
  The DNA samples were loaded by applying 230 V/cm across the injection channel for 
150 s with the anodic and cathodic buffer reservoirs floating.  Electrophoretic separations were 
run at 130 V/cm; sample leakage into the injection cross was prevented by applying pull-back 
voltages of 250 and 180 V/cm to the sample and waste reservoirs, respectively.  The microdevice 
was heated to 50°C by a Kapton flexible heater (Omega Engineering Inc., Stamford, CT) 
mounted to the cover slip of the microchip with a pressure sensitive adhesive; the temperature 
was monitored via a self-adhesive thermocouple (Omega Engineering Inc., Stamford, CT).   
3.3  Results and Discussion 
3.3.1  Near-IR Dyes and Photophysical Properties  
As mentioned earlier, the dyes Cy5.5 and IRD700 (Figure 3.2) contain a functional group that 
allows facile conjugation to targets, in this case oligonucleotides.  These particular dyes were 
selected due to their similar excitation and emission properties and the fact that they are readily 
excitable with our 680 nm laser.   This simplifies the filters and optics required in the detector, 
since discrimination between the dyes is dependent upon differences in their fluorescence 
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lifetimes (τf) and not color.  Spectroscopic characterizations of the dye-labeled oligonucleotides 
(Figure 3.3A) revealed excitation λmax values of 684 nm for Cy5.5 and 686 nm for IRD700.  
Emission spectra obtained for both dyes indicated λmax values of 708 nm.   
 
Figure 3.2 Structures of IRD700 (left) and Cy5.5 (right) demonstrating the similar molecular 
structures.  The dyes were covalently linked to the 5’-end of DNA 
oligonucleotides through a C6 amino linker.  Incorporating molecules with similar 
structures minimizes the dye-dependent mobility shifts observed during 
electrophoresis. 
 
In Figure 3.3B, the decay profiles for Cy5.5 and IRD700 obtained using a free solution 
electrophoretic separation of 100 nM dye-labeled oligonucleotides diluted in ddH2O and loaded 
into the PMMA microchip filled with POP buffer are shown.  Average lifetimes of 933 ± 10 ps 
(RSD = 1.1%) and 884 ± 5 ps (RSD = 0.6%) were calculated for Cy5.5 and IRD700, 
respectively.  From our previous studies using a similar microscope configured for slab gel 
electrophoresis, we calculated lifetime values of 983 ± 13 ps (RSD = 1.3%) and 718 ± 5 ps (RSD 
= 0.7%), for Cy5.5 and IRD700, respectively.18  Our relative standard deviations (RSD) are very 
comparable for both separation platforms when the decays were constructed from similar 


















substrate artifacts. 18  We have recently demonstrated that using a glass capillary and a glass 
microdevice will reveal similar discrepancies in the precision of lifetime measurements, 
suggesting errors in data collection are indeed an artifact of limitations from photon statistics.21 
Figure 3.3 Properties of near-infrared dyes used to label DNA sequencing primers.  The top 
graph (A) shows the absorbance and fluorescence spectra for IRD700 and Cy5.5.  
The emission spectra were collected with an excitation wavelength of 650 nm. 
The bottom graph (B) shows the fluorescence lifetime decay profiles of Cy5.5 and 
IRD700.   Also shown in (B) is the time window from which photons were 
extracted to calculate the lifetime.  
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3.3.2  Time-Resolved Detection of Near-IR Dye Primers 
     To determine the ability of the TCSPC microscope to distinguish between two 
fluorophores based on their fluorescence lifetimes using low concentration conditions in these 
polymer-based microchips, a concentration series of our dye set was analyzed using free solution 
electrophoresis.  Cy5.5 dye-labeled oligonucleotides were filled in the injection cross for 5 s at 
500 V/cm and electrophoresed in free solution at an electric field strength of 300 V/cm (sample 
and waste reservoirs were held at +300 V and +100 V, respectively, to prevent dye leakage into 
the separation channel during electrophoresis).  As shown in Figure 3.4, the calibration data was 
fit to a linear function with a correlation coefficient R = 0.975 over the concentration range 
investigated.  From the slope of the calibration plot and baseline measurements, a concentration 
detection limit of ~200 pM was determined at a SNR = 3, which represents a mass detection 
limit of 30 amols.   
Lifetimes were calculated by selecting three data points for each electrophoretic peak 
near its apex and building a histogram from those photons.  Since the calculated lifetime is 
expected to be concentration independent, we would expect the value to be constant across the 
concentration range investigated (see Figure 3.4).  However, we noticed a biasing towards 
slightly longer lifetimes when the concentration was reduced, most likely due to a larger 
background contribution over the time window in which the lifetime was calculated (see Figure 
3.3B).  The majority of the scattering photons occurring early in the decay spectrum were not 
included in the calculation time window, however, the randomly distributed background photons 
over the entire decay spectrum could not be eliminated by electronic gating and thus, bias the 
lifetime to longer values.11  By implementing slight modifications into the basic processing 
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algorithm for MLE lifetime determinations to account and correct for background artifacts, 
improvement in the accuracy could be made, but not into the precision.34  
Figure 3.4   Calibration plot (solid line) of Cy5.5 in free solution showing concentration vs. 
intensity (cps) at concentrations of 50, 25, 10, 5 and 1 nM of dye-labeled 
oligonucleotide.  The data shows plots of concentration vs. fluorescence lifetime 
(τf) (dot-dashed line) or intensity (cps) (solid line) for Cy5.5.  The dye was loaded 
onto the microchannel at an applied voltage of 500 V/cm for 5 s and 
electrophoresed at 300 V/cm.  Histograms were constructed from three data points 
centered at the apex of each electrophoretic peak and analyzed over a time 
interval of 1,500 ps to calculate τf  using equation 3.1.  The average lasing power 
was 2.5 mW at a wavelength of 680 nm.  A sampling time of 0.5 s was used 
during data collection. 
 
A primary concern for lifetime determination in microdevice electrophoresis formats is 
the reduction in load volumes as compared with capillary electrophoresis.  This places 
constraints upon the detector and calls for lower limits of detection to analyze smaller sample 
volumes.  In addition, because the precision of lifetime determinations using MLE is 











































thus poorer precision in the determination, which has a significant impact on identification 
accuracy.    
3.3.3  Time-resolved Fluorescence Analysis of Dye-Primers in Gels 
 Initial attempts to separate a 1:1 mixture of 100 nM Cy5.5 and IRD700 labeled 
oligonucleotides in POP-5TM or POP-6TM gels at room temperature were unsuccessful (data not 
shown).  Due to structural and charge differences between the dyes, we would expect a dye-
dependent mobility difference as demonstrated in our previous work.18  To resolve the dye 
mixture, it was necessary to heat the gel-filled channel to 50°C, as specified for optimal 
performance of the POP-5TM gel.  To heat the channel, a Kapton® insulated heater was affixed to 
the cover plate of the microdevice along with a thermocouple to relay temperature conditions to 
a power regulator for control (temperature stability = ± 0.6°C).  Analysis of the mixture of these 
oligonucleotides separated in POP-5TM gel (50°C) under a field strength of 300 V/cm resulted in 
a resolution of 0.89 between IRD700 (N = 2.5x105 plates/m) and Cy5.5 (N = 1.8x105 plates/m) 
labeled primers (see Figure 3.5).   
 Also shown in Figure 3.5 are the lifetime values calculated from data points (0.5 s 
integration time) along the electrophoretic trace.  As can be seen, the apparent lifetime values 
calculated using MLE hovered around 650 ps before analyte migration was detected, then 
increased once the first component of the mixture migrated through the detection region.  The 
calculated lifetime values increased again once the second component migrated through the 
excitation laser and finally decreased to near 650 ps, similar to the values obtained prior to the 
appearance of the electrophoretic peaks.  Taking lifetime values at the apex of each migrating 
component, where the lifetime should represent that of a single component, values of 853 and 
931 ps were found.  As illustrated in this Figure, the standard deviations in lifetime 
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measurements decreased near the electrophoretic peak apex as compared to measurements where 
no dye-labeled oligonucleotide was present.  Based upon our previous lifetime data obtained in 
slab gels,18 we could assign the faster migrating component to the IRD700-labeled 
oligonucleotide and the slower component to the Cy5.5-labeled oligonucleotide.   
Figure 3.5   Gel electropherogram of a 1:1 dye mixture of Cy5.5 and IRD700 dye-labeled 
oligonucleotides (~100 nM).  Dyes were separated in POP5 sequencing gel heated 
to 50°C (E = 300 V/cm).  Histograms were constructed from the apex of each 
electrophoretic peak and the lifetimes were calculated using equation 3.1.  See 
Figure 3.4 for experimental details.  The resulting lifetime value is for each 
electrophoretic peak is shown above the associated band along with the standard 
deviation for that measurement.   
     
3.3.4  Analysis of Single-stranded DNA Fragments 
 We next attempted to electrophoretically separate single-stranded DNA fragments using a 
PMMA microdevice and evaluate whether lifetimes could be used as an identification tool for 














































sequencing from the M13mp18 single stranded DNA template with the resulting fragments 
separated in a PMMA microdevice.  Shown in Figure 3.6 are the single base tracts for Cy5.5 (A) 
and IRD700 (B) labeled fragments.  In these examples, we used a serpentine geometry chip filled 
with a 4% LPA matrix prepared in 1X TTE with 7M urea as the denaturant (50°C).  We found 
that POP-5TM or POP-6TM gels did not perform as well as the 4% LPA matrix under our 
operating conditions in terms of plate numbers and sieving power (selectivity).  In addition, we 
noticed that cleanup of the ssDNA samples using SPRI prior to electrokinetic loading improved 
electrophoretic performance as well, with 2.03x105 plates/m generated for the 169 bp fragment 
with no cleanup and 3.90x105 plates/m for this same fragment when SPRI was performed on the 
sample prior to loading.  Inspection of the trace data also indicated a resolution between 
fragments 104 bp and 106 bp of 0.32 with no cleanup and an increase to 0.44 following cleanup. 
 Unfortunately, even under our optimized conditions, we were unable to obtain single base 
resolution for these tracts using this PMMA device.  Several artifacts associated with this chip 
configuration could have attributed to the inability to obtain single-base resolution.  One possible 
contribution to the reduced plate numbers is geometrical dispersion produced by the turns 
incorporated into the chip design.  However, from our previous work we have found that the 
contribution to zonal dispersion from geometric artifacts accounts for less than 2% of the total 
zone variance when narrow channels are used as adopted here.35   
Upon inspection of these electropherograms, tailing was observed, possibly suggesting 
solute-wall interactions.  In addition, PMMA is known to have an EOF that runs counter to the 
electrophoretic mobility of DNAs and is much larger in magnitude than LPA-coated fused silica 
capillaries.36  While it has been reported that double-stranded DNA fragments can be adequately 
separated in PMMA chips with plate numbers approaching those observed in glass-based 
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Figure 3.6A   Separation of Cy5.5 dye-labeled T-fragments from an M13mp18 DNA template 
in a 4% LPA matrix prepared with 1xTTE / 7M urea buffer, electrophoresed at 
130 V/cm.  Also shown is an expanded view of the electropherogram with the 
base assignments and calculated lifetimes.  The lifetimes were calculated from a 
single data point at each peak center with the associated standard deviation for 
each calculated lifetime value depicted.  See Figure 3.4 for electrophoresis details. 
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Figure 3.6B   Separation of IRD700 dye-labeled T-fragments from an M13mp18 DNA template 
in a 4% LPA matrix prepared with 1xTTE / 7M urea buffer, electrophoresed at 
130 V/cm.  Also shown is an expanded view of the electropherogram with the 
base assignments and calculated lifetimes.  The lifetimes were calculated from a 
single data point at each peak center with the associated standard deviation for 
each calculated lifetime value depicted.  See Figure 3.4 for electrophoresis details. 

















































































































devices of similar dimensions,37-39  recent studies have indicated that in the case of  ssDNA 
separations, in particular sequencing samples where high plate numbers are demanded, the 
substantial EOF as well as potential interactions between the ssDNA and the channel walls can 
induce peak tailing.40-42  Therefore, it appears that ssDNA separations requiring single base 
resolution will demand some form of surface coating in polymer-based chips to prevent such 
interactions.43   
 Shown in Figure 3.6 are expanded views of the electropherograms and the resulting 
lifetimes calculated for each peak in the M13mp18 ssDNA template along with the base number 
assignments for the tract.  In all cases, the lifetime values displayed were calculated from a single 
data point situated at the apex of each electrophoretic peak.  As can be seen from this data, the 
variation in the lifetimes calculated across each tract were small, with the values agreeing 
favorably to those determined using free solution and gel electrophoresis.  The average lifetime 
values accumulated over 30 peaks was 930 ± 8 ps for the Cy5.5 tract and 851 ± 5 ps for the 
IRD700 tract.  The average RSD for the lifetime data was 0.47% for Cy5.5 and 0.34% for 
IRD700.  In comparison to our previous data using IRD700-labeled T-fragments, an RSD of 1% 
was reported with approximately 12,000 photocounts used to construct the decay for sequencing 
fragments sorted in a gel-filled capillary.9  Our data indicates that the appropriately selected chip 
material (Plexiglas® acrylic) can produce data comparable to fused silica capillaries for lifetime 
determinations with the precision determined primarily by photon statistics. 
3.4  Conclusions 
 Fluorescence lifetimes can be used as an effective identification tool when utilizing 
polymer microchip electrophoresis as the separation platform.  When selecting chip substrates, 
we have shown that the specific type of material used for fabricating the polymer-based 
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electrophoresis device plays an important role in determining the amount of autofluorescence it 
generates, which can have an impact on detectability for both intensity- and time-resolved 
fluorescence measurements.  The challenges associated with microchip electrophoresis in terms 
of detection include its lower loading volume and smaller peak widths compared to capillary or 
slab gel electrophoresis, which lowers the photon numbers generated in each band of the 
electropherogram and impacts data quality.  We have shown the ability to discriminate between 
the fluorescence lifetimes of two dye-labeled oligonucleotides using a polymer substrate during 
an electrophoretic separation with high accuracy.  The data presented in this work also 
demonstrated the ability to identify fluorescence lifetimes with high precision from an 
electrophoretic trace of dye-labeled ssDNA fragments using an LPA matrix in a PMMA 
microdevice.  Unfortunately, the data generated herein was unable to achieve single base 
resolution, which has been attributed in part to solute-wall interactions and the polymer’s 
electroosmotic flow.  We are in the process of evaluating different strategies for covalently 
attaching LPA coatings to the PMMA device to improve electrophoretic performance.   
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 Chapter 4 
 
Surface Modification of PMMA Microfluidic Devices for Enhanced 
Separation of ssDNA  
 
 
4.1  Introduction 
 The increasing need for high-speed separations of biomolecular material for applications 
such as forensic and clinical analyses has lead to a surge of groups conducting separations using 
microchip electrophoresis devices.  The attractiveness of this separation platform includes: high 
efficiencies on par with capillary separations; fast analysis times; and smaller load volumes.1  
Other advantages include reduced effects from biased injections as well as the potential 
portability of such devices.  Since their introduction, several groups have performed optimization 
studies for microchip electrophoresis devices making considerations for the sieving matrices, 
channel dimensions, and electrophoretic conditions.2-5  Routine analysis of biomolecular material 
such as proteins, amino acids, PCR products, short oligonucleotides, DNA restriction fragments, 
and sequencing ladders have been performed using a multitude of microfluidic devices.6, 7   
 For the analysis of many biomolecules, the surface characteristics of the substrate 
material employed for the separation must be taken into consideration.  The performance of 
glass-based devices can be easily predicted due to the well studied characteristics of capillary 
surfaces including the effects different end groups (i.e. Si-O-Si-C vs. Si-C) have on covalent 
coatings.8-10  Electroosmotic properties of various covalent, adsorbing and dynamic coatings as 
well as the regeneration processes required for multiple usages of glass capillaries have also been 
investigated.11  As such, many of the modification procedures optimized for glass capillary tubes 
are transferable to glass-based microdevices.     
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 Employing polymer substrates as microfluidic devices has several advantages over glass-
based substrates such as the wide choice of manufacturing techniques for fabrication, minimized 
geometric constraints when producing high aspect-ratio microstructures, and the cost efficiency 
for mass production.12  Given the variety of polymers available for device fabrication, many 
polymer-based devices have been used in their native form with varying degrees of success.13-15  
Yet, regardless of the type of polymer employed, concerns with the material properties arise 
which can hinder efficient separations, specifically analyte-substrate interactions and 
inconsistencies with electroosmotic flow (EOF) properties within the microdevice.16, 17  Groups 
have recently begun investigating modification procedures to stabilize and alter the EOF 
properties of PDMS, showing that covalent and dynamic coatings as well as ultraviolet grafting 
are sufficient means to modify the surface for biological separations.18-21  Locascio and co-
workers have demonstrated the use of excimer laser ablation to modify the surface chemistry of 
various polymer devices to obtain specific electroossmotic flow profiles.22, 23  Alternatively, 
absorbed coatings have been used in polycarbonate (PC), poly(methylmethacrylate) (PMMA), 
polystyrene (PS), and polymer-PDMS hybrid chips to stabilize the EOFs of the devices for 
possible biomolecule separations.24  However, one of the major drawbacks when developing 
modification chemistries is that the procedure employed for one particular type of polymer may 
not necessarily transfer to another substrate with the same degree of success.16  
 In the case of PMMA, research groups have been successful in separating a multitude of 
biomolecules including proteins, peptides, and double-stranded DNA.25-28  Although many 
publications have demonstrated the analysis of short oligonucleotides and double-stranded DNA 
fragments using PMMA devices in their native state, surface modifications have been 
incorporated to enhance the separation through stabilizing or altering the EOF of the microdevice 
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in many instances.  Muck et al. varied the EOF by fabricating PMMA devices through a UV-
initiated polymerization, whereby improvements in target ion and neurotransmitter separations 
were improved.29  Galloway and co-workers were able to separate DNA and PCR products with 
a C-18 stationary phase  immobilized onto an amine-modified PMMA microdevice.30   Dang and 
co-workers have reported that PMMA produced highly irreproducible separations of 
oligosaccharides when used in its native state, but exhibited an improved performance after 
incorporating various dynamic coating polymers.31   
In previous work, we attempted to separate single stranded DNA fragments in an 
unmodified PMMA microdevice.32  Although PMMA proved to be a suitable substrate for 
fluorescence detection of sequencing fragments, we were unable to obtain resolution between 
fragments with single base-pair differences, which was attributed to potential analyte/wall 
interactions as indicated by significant peak tailing in the electropherograms and/or an 
inhomogeneous EOF of the microfluidic device.  Locascio and co-workers demonstrated that the 
fabrication method employed, in this case hot-embossing, can produce hot-spots of functional 
groups which can alter the EOF within a device and can change variably with solvent 
introductions.33  Later work in our group successfully separated the same sequencing tract using 
similar detection methods, but employed a glass-based microdevice,34 suggesting that some 
modification to the surface would be necessary before PMMA could be routinely used for 
separation of ssDNA fragments for sequencing.  It should be noted that PMMA is still applicable 
for separation of ssDNAs, however, the single base resolution required for sequencing is not 
achievable using the native substrate.  To date, the majority of reports of ssDNA sequencing 
have been performed in glass-based microdevices incorporating some form of surface 
passivation.   
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Recently, Shi and Anderson have reported the use of a polymeric microdevice for the 
separation of ssDNA fragments and successfully achieved single base-pair resolution; even still, 
the polyolefin device was coated with poly-dimethylacrylamide/diethylacrylamide.35  The 
authors attributed the single base resolution achieved for separation of separating short tandem 
repeats (STR) and sequencing samples primarily to their matrix selection, a 4% w/v >5.5 MDa 
LPA, however they did not investigate the significance of their coating material and whether the 
same resolution was achieved using native polyolefin.  Given the various reports using LPA in 
microdevices for sequencing analysis, one could speculate the coating has a greater influence on 
the separation than reported.  Unfortunately, the coating employed required ~36 hours for 
preparation prior to filling the microdevice for electrophoresis.36  Data was shown for three 
consecutive separations of STR alleles and suggested significant delays in migration times 
between the first and third runs.   
 In this work, we present a simple modification procedure to covalently coat PMMA 
microchannels to stabilize the EOF and produce higher efficiency separations through reduction 
of analyte/wall interactions.  Based on modification procedures previously outlined in our 
group,37, 38 PMMA surfaces were aminated  through exposure to either UV modification or 
lithiated diamine prior to surface coating with a linear polyacrylamide using a grafting from 
procedure.  The LPA was able to polymerize through acrylamide anchors covalently bonded to 
the amine surfaces.  Stepwise characterization of the modified surface was performed by 
measuring the EOF’s and the contact angles.  Scanning force microscopy measurements were 
conducted to visualize the topographies of the modified surfaces.  A simple LIF system was 
employed to detect the separated near-IR dye-labeled ssDNA fragments in the modified PMMA 
microchannels; the results were compared to those obtained in native PMMA.  
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4.2 Materials and Methods 
4.2.1 Chip Fabrication and Electrophoresis 
 We have reported on a method for the fabrication of microelectromechanical systems 
(MEMS) from a nickel master.30  The technique utilizes x-ray lithography to develop a mold 
master with electroplated nickel microstructures (LiGA).  This nickel master is later used for 
production of high aspect-ratio microdevices by hot embossing polymer substrates.  For the 
embossing process, a PHI Precision Press model number TS-21-H-C(4A)-5 (City of Industry, 
CA) was used.  This process consisted of heating a PMMA wafer (GE Polymershapes, Metairie, 
LA) to 155°C and pressing against the metal master under 1000 lbs of pressure for 3 min.  The 
embossed microdevice consisted of an 11 cm long serpentine channel (effective length = 9.5 cm) 
incorporating two opposite turns with a double T injector 500 µm long and 0.5 cm side-arm 
channels (see Figure 2.10).  The channel dimensions were 25 µm wide and 120 µm deep.  
Reservoirs were created by drilling 1 mm holes into the 3 mm thick PMMA wafers.  A finished 
microdevice was prepared by thermally annealing a thin PMMA cover slip (0.5 mm) to a clean 
device by securing the assembled microdevice between two glass plates and heating to 107°C for 
12 min in a convection oven. 
 A linear polyacrylamide (LPA) sieving matrix was prepared from high-viscosity-average 
molecular mass powder (~6 MDa) (Polysciences Inc., Warrington, PA) dissolved in 1X TTE (50 
mM Tris/50 mM TAPS/2 mM EDTA) buffer with 7 M urea for electrophoretic separation of 
DNA fragments.  The 4% (w/v) LPA was replaced between each run from the anodic end of the 
separation channel.  The electrophoresis buffer, consisting of 1X TTE buffer, was also changed 
after each run.  The matrix was pre-electrophoresed for 3 min at 200 V/cm through the 
separation channel, with sample and waste reservoirs floating.  DNA samples were loaded by 
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applying 230 V/cm across the injection channel for 120 sec with the anodic and cathodic buffer 
reservoirs floating.  Electrophoretic separations were run at 130 V/cm; sample leakage into the 
injection cross was prevented by applying pull-back voltages of 250 and 180 V/cm to the sample 
and waste reservoirs, respectively.  The microdevice was heated to 50°C by a Kapton flexible 
heater (Omega Engineering Inc., Stamford, CT) mounted to the cover slip of the microchip with 
a pressure sensitive adhesive; the temperature was monitored via a self-adhesive thermocouple 
(Omega Engineering Inc., Stamford, CT).   
4.2.2 Channel Surface Modification 
 The functional scaffold from which the LPA coating was built was produced either 
chemically or photo-chemically.  The following procedures were used to modify PMMA 
microchannels.  For the chemical method, the surface of the channels were aminated following a 
protocol outlined by Henry and co-workers.37  This involved preparation of a N-
lithiodiaminoethane solution from a reaction of 6 mmol dry ethylenediamine (Aldrich, 
Milwaukee, WI) with 1 mmol n-butyllithium (2.0 M in cyclohexane, Aldrich).  The channels 
were filled with the lithiated diamine solution and allowed to incubate for 2-5 min before 
flushing and drying the channel under a stream of nitrogen (Figure 4.1A).  It should be noted that 
this method is very toxic and caution must be taken using these reagents.  In the photochemical 
method, the channels were aminated by first irradiating pristine PMMA with a UV light source 
(15 mW/cm2, 254 nm) (ABM Series 60 exposure system, San Jose, CA) for 20 min, rinsing with 
10% v/v isopropyl alcohol, and drying under a flow of N2.  After thermal annealing of a cover 
slip to the microdevice, the channel was filled with a buffered solution (100 mM phosphate, pH 
7.0) of 24% (w/v) [1.5 M] N-(3-dimethylaminopropyl)-N-ethylcarbodiimide (EDC) (Sigma, St. 
Louis, MO) and 0.58 mmol dry ethylenediamine for at least 40 min (Figure 4.1B). 
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Figure 4.1 Schematic of the modification procedures used to terminate PMMA surfaces with 
amine functional groups by (A) reaction with a lithiated diamine solution or (B) 
exposure to UV radiation proceeded by EDC coupling of ethylenediamine to the 
carboxylated surface. 
 
 Following either amination process, the following steps were carried out.  To provide an 


































































PMMA surface.  This was achieved by exposing the amine-modified channels to a solution of 50 
mM [0.8% (w/v)] EDC and 0.5 M [4.2% (v/v)] methacrylic acid for 30 min.  To passivate the 
surface, the channels were flushed and filled with a degassed solution of 4% (w/v) acrylamide 
containing 0.01% (v/v) N,N,N’,N’-tetramethylethylenediamine (TEMED) and 0.01% (w/v) 
ammonium persulfate (Sigma).  This was allowed to polymerize in the channel for at least 4 h 
after which the channels were rinsed with water and dried.  The entire modification procedure is 
outlined in Figure 4.2.   
 
Figure 4.2 Schematic of procedure to graft PMMA surfaces with LPA.  Amine-terminated 
PMMA is first reacted with methacrylic acid in the presence of EDC to covalently 
bind methacrylamide to the surface.  These functional groups serve as a scaffold 


































4.2.3 Electroosmotic Flow Measurements 
 The EOF measurements were carried out in the microchannels described above using a 
method employed by Zare and co-workers.39  Microchannels were filled entirely with a buffer of 
low ionic strength at an appropriate pH.  In this case, the buffer was 0.5X TTE (pH = 7.4), which 
was selected to minimize changes in the EOF from the run conditions that are used for the DNA 
separations.  Pt electrodes were placed into two reservoirs at opposite ends of the microchannel.  
An electric field was applied between the electrodes using a Spellman high voltage power supply 
(CZ1000R, Plainview, NY) and a baseline current was established.  Upon stabilization of the 
buffer in the device, one reservoir was emptied and filled with the 1X TTE buffer (pH = 7.4).  Pt 
electrodes were placed into the two reservoirs containing the high and low ionic strength buffers 
and an electric field was applied operated at a field strength of 150 V/cm.  A strip-chart recorder 
(Kipp and Zonen Inc., Bohemia, NY) plotted changes in the current and it was monitored until 
the current reached a plateau.  The time to reach this point was used to calculate the linear 
velocity (cm/s).  The linear velocity was then divided by the applied electric field to produce the 
electroosmotic mobility [cm2 / (V s)]; the EOF was averaged over five consecutive runs. 
4.2.4 Contact Angle Measurements   
 Sessile drop water contact angle measurements were conducted with a VCA 2000 
Contact Angle System (VCA, Billerica, MA).  A single drop of 18 MΩ•cm water, (~2 µL) was 
placed onto the polymer surface via syringe, at which time the right and left contact angles were 
immediately measured.  The contact angle values were calculated using the manufacturer’s 
software.  Each value reported represents an average of 5 drops of water in several locations on 




 We obtained fluorescence intensity data using an in-house constructed near-IR laser-
induced fluorescence system, represeneted in Figure 4.3.  The excitation source consisted of a 
780 nm diode laser (Thorlabs model LT024MD/MF, Newton, NJ) powered by a custom built 
power supply with tunable output power.  The laser was filtered by a bandpass filter (CWL = 780 
nm, Omega Optical, Brattleboro, VT) before being directed through a dichroic mirror to a 
reflective mirror (>99% reflectance) after which the light was focused onto the channel using a 
40x microscope objective (Nikon, Natick, MA).  To position the microdevice with respect to the  
Figure 4.3 Schematic of near-IR LIF system with an excitation of 780 nm. 
 
laser beam, an X-Y-Z translational stage (Newport, Irvine, CA) was utilized.  The resulting 





























filtered through a longpass filter (CWL = 800 nm, Omega Optical, Brattleboro, VT) and a 
bandpass filter (CWL = 820 nm, Omega Optical, Brattleboro, VT).  The filtered fluorescence 
emission was ultimately focused onto a single photon avalanche diode (SPAD, PicoQuant model 
SPCM 200B, Berlin, Germany).  The LIF signal was acquired on a personal computer equipped 
with an I/O connector board (National Instruments model CB-68LP, Austin, TX) and a pulse 
converter (IBH model TB-01, Glasgow, UK).  Data acquisition software was written in 
LabView. 
4.2.6 Preparation of DNA Samples  
 The labeling dye, IRD800 (Li-COR Biotechnology, Lincoln, NE), was used in these 
experiments; the dye possessed absorption and emission wavelengths of 780 and 810 nm, 
respectively.  The acid form of the dye was converted to a succinimidyl ester prior to covalently 
linking it to the 5’ end of an M13 forward (-29) sequencing primer (17-mer) through a C6 amino 
linker (see Figure 4.4); the dye-labeled primer was purified by reverse phase HPLC.  Primer 
samples were concentrated from lyophilized product in distilled water and later diluted in the 
appropriate buffer for sample analysis. 
 A modified procedure of that outlined for the Amersham 7-deaza primer cycle 
sequencing kit was used to prepare Sanger sequencing reactions using an M13mp18 single-
stranded DNA template.40  Thermal cycling was carried out in a Genius series 96-well thermal 
cycler (Techne Inc., Minneapolis, MN) using the following thermal cycling conditions (40 
cycles): (i) 92 °C for 2 s; (ii) 55 °C for 30 s; (iii) 72 °C for 60 s, followed by a final extension 
step at 72 °C for 7 min.  Prior to use, excess salts, enzymes, dNTPs and ddNTPs were removed 
from the sample by a solid-phase reversible immobilization (SPRI) technique incorporating 
CleanSEQTM magnetic particles (Agencourt, Beverly, MA).   
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Figure 4.4 Structure of IRD800 covalently linked to the 5’-end of a DNA oligonucleotide 
through a C6 amino linker. 
 
4.3 Results and Discussion 
4.3.1 Manipulation of the Electroosmotic Flow in PMMA Microdevices  
 Previously reported mechanisms of modifying PMMA substrates have provided a basis 
for covalently attaching a polymer coating onto the wall of PMMA to stabilize the EOF and 
minimize analyte/wall interactions.  One method (Figure 4.1A) relies upon reaction of the methyl 
ester functional group in the PMMA backbone with N-lithioethylenediamine to produce an 
amide functional group on the surface of PMMA.  Through this mechanism, NH2-terminated 
PMMA sheets have a surface coverage of ~ 5 nmol cm-2 after a given reaction period.37  Since 
this reaction on sheet PMMA results in rather rough surfaces, difficulties may arise in thermally 
annealing the PMMA sheets to one another, thus the amination was performed inside of the 
enclosed channel for these studies.  EOF measurements obtained for pristine and NH2-terminated 
PMMA were 2.95 (±0.95) x 10-4 cm2/V·s and -1.46 (±0.14) x 10-4 cm2/V·s, respectively, agreeing 









indicates that the EOF is reversed in direction (cathode to anode).  The EOF measurements for 
this and each subsequent modifications are summarized in Table 4.1.   
 Alternatively, the PMMA was functionalized with amine groups through UV activation 
and subsequent reaction with ethylenediamine (method B).  Exposing PMMA to UV irradiation 
produces a carboxylate group from the methyl ester group due to a photo-induced oxidation 
reaction.  Reacting the carboxy group with ethylenediamine in the presence of EDC produces an 
amine terminating functional group at the surface.  In this method, the number of amine sites is 
governed by the dose of UV light, which has shown to produce carboxylic acid groups with a 
surface coverage of ~1.3 nmol cm-2 after a given exposure time.41   EOF measurements for amine 
terminated surfaces were -1.34 (±0.21) x 10-4 cm2/V·s, agreeing with that obtained for aminated 
PMMA produced via activation with lithiated diamine.   
   
Table 4.1 Electroosmotic flow (EOF) values for PMMA and modified PMMA through 
subsequent steps.  Values are shown for both the chemical modification steps and 
the steps after UV-modification of PMMA prior to LPA coating. 
 





Pristine (unmodified) PMMA 2.95 ± 0.95 x 10-4 __________ 
UV-activated PMMA __________ 4.43 ± 0.58 x 10-4 
Amine-terminated PMMA - 1.46 ± 0.14 x 10-4 - 1.34 ± 0.21 x 10-4 
Methyl acrylamide-terminated PMMA 1.41 ± 0.16 x 10-4 1.49 ± 0.11 x 10-4 
LPA-coated PMMA 3.36 ± 0.13 x 10-5 3.27 ± 0.15 x 10-5 
 
Both amine-terminated surfaces were subsequently reacted with ~50 mM methacrylic acid.  In 
the presence of an excess of EDC [N-(3-Dimethylaminopropyl)-N’-ethylcarbodiimide], the 
carboxyl groups of methacrylic acid react with the amine groups at the PMMA surface to form 
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an amide bond.  The EOF reverses in direction to 1.41 (±0.16) x 10-4 cm2/V·s and 1.49 (±0.11) x 
10-4 cm2/V·s for the chemical and photochemical modifications, respectively, as the terminal 
functional groups now have a net negative charge, and the EOF flows from anode to cathode.  
The resulting methacrylamide functional groups at the surface serve as a scaffold for the next 
reaction.     
Finally, polymerization of a 4% (v/v) acrylamide solution was initiated through the 
addition of TEMED and 10% APS and allowed to incubate for ~4 h within the modified 
microchannel.  The radical polymerization process formed covalent bonds between the 
methacrylamide groups at the channel surface and acrylamide groups in solution.  The incubation 
time was extended to ensure proper chain formation for coating the channel wall in its entirety.  
The polymer coating reduced the EOF to 3.36 (±0.13) x 10-5 cm2/V·s and 3.27 (±0.15) x 10-5 
cm2/V·s for the chemical and photochemical methods, respectively.  This value falls in between 
reported values for LPA-coated glass capillaries, which ranges based upon the surface chemistry 
beneath the polymer coating – capillaries coated through a Si-O-Si-C linkage have a reported 
EOF of 1.04 x 10-4 cm2/V·s, while those coated through a Si-C linkage have a reported EOF of 
5.21 x 10-6 cm2/V·s.42  After storing for three weeks under ambient conditions, there were no 
significant changes in the EOF for the microdevices coated with polyacrylamide, with the EOF 
measured as 3.48 x 10-5 cm2/V·s for the stored devices. 
4.3.2 Contact Angles of Modified Surfaces 
 During the modification steps, sessile drop water contact angle measurements were taken 
on the PMMA surfaces as a simple monitor of the changes induced on the surface as a result of 
the modification procedure (Figure 4.5).  The contact angles changed from 69 ± 2° for pristine 
PMMA to 32 ± 3° after termination with amine groups, agreeing with values reported in the 
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literature.37  For the UV-modified PMMA surfaces, the contact angle was 51 ± 2° after rinsing 
with ddH2O and changed to 36 ± 4° after modification with amine groups.  The value of the UV-
modified PMMA differs from those reported previously with values of 24°, however, those 
results were obtained prior to rinsing the surface to rid low molecular weight polymers formed 
during the photochemical modification.41  The value of the methyl-acrylamide terminated 
PMMA surfaces increased to 80 ± 3° and 82 ± 2° for the chemical and photochemical methods, 
respectively.  In either case, after polymerization of polyacrylamide on the surface, the contact 
angle decreased to 41 ± 3°.  In all instances, there were no differences observed for the left and 






Figure 4.5 Sessile water drop contact angles of (A) pristine PMMA, (B) NH2-terminated 




4.3.4 Evaluation of Modified PMMA Microdevice Performance 
 To determine what effect coating the PMMA channel walls had on our electrophoretic 
separation, we investigated the reproducibility of analyte migration time and the efficiency 
obtained for electrophoretic runs.  For testing, we used as a model an IRD800-labeled 
oligonucleotide (17-mer) in order to monitor the migration of the band and the plate numbers 
generated.  One of the earlier problems encountered when using pristine PMMA for 
elelctrophoresis of ssDNA was variances in the EOF were significant, contributing to increases 
A B C D 
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in the run-to-run variance in the mobility.  It has been reported that the EOF, as well as changes 
in the zeta potential, caused by surface irregularities and adsorption of molecules on the surface 
will cause variances in electrophoretic separations.8  After modifying the PMMA microdevices 
to stabilize the EOF and reduce analyte adsorption, improvements in the electrophoretic 
performance of the coated microdevice were observed.    
 For evaluation, twenty runs were completed in both pristine and LPA-coated PMMA  
(chemical and photochemical) microdevices.  Over this series, all aspects of the electrophoretic 
run performed in the pristine channel varied greatly including shifts in the migration time and the 
peak shape (not shown).  As seen in Figure 4.6, the pristine channel resulted in migration times 
of 258 (±14) s averaged over the twenty runs.  In addition, the average plate numbers generated 
was 3.76 x 105 plates/m, comparable to results reported earlier (Chapter 3).32   
Figure 4.6 Subsequent analyses of IRD800-labeled oligonucleotides electrophoresed at 115 
V/cm in both pristine PMMA and LPA-coated PMMA showing the migration 
times obtained for the dye peak (A) and the corresponding plate numbers (B). 
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 In comparison, runs performed using the LPA-coated PMMA microdevices resulted in 
more reproducible results.  Over 20 runs, the coated device gave an average migration time of 
227 (±8) s for the same sample, indicating not only a faster migration of the dye-labeled oligo, 
but also a much lower standard deviation between runs.  The plate numbers generated for 
separations in the coated device was 1.15 x 106 plates/m, comparable in magnitude to those 
obtained in glass capillaries.43  For the microdevices coated with LPA through UV-initiated 
modification, the average migration time was 225 (±6) s over twenty runs, comparable to those 
obtained with the device coated through the chemical method and the average efficiency was 
9.74 x 105 plates/m.  Inspection of our data shows a convergence of the migration times for all 
devices at later runs.  When incorporating LPA as a coating in silica capillaries, it is common to 
see degradation of the coating after multiple runs due to hydrolysis at the surface.44, 45  However, 
we do not believe this convergence is suggestive of coating degradation, rather, adsorption of the 
sieving matrix, “LPA”, onto the channel walls.  Although the LPA-matrix is not as effective in 
reducing the EOF as the covalently attached LPA, the matrix still exhibits a dynamic coating 
capability,45 which would explain the convergence of our migration times after multiple runs on 
the coated and uncoated microdevices.   
4.3.5 Separation of ssDNA Fragments  
 In our initial attempts to separate single-stranded DNA in a PMMA microdevice, we 
were unable to achieve single base resolution required for DNA sequencing.32  As mentioned 
earlier, changes in the surface charges due to either analyte adsorption or inhomogeneities of the 
surface functional groups within the channel can vary the EOFs.  When separating DNA 
fragments containing single base-pair differences as required for sequencing, the effect of eddy 
migration resulting from residual zeta-potential can be significant in degrading resolution.44  By 
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passivating the PMMA surfaces with LPA, the variance of the EOF within the channels was 
significantly decreased (Table 4.1) suggesting that peak dispersion due to differences in the EOF 
would be reduced.21  To validate our coating procedure, we compared separations of IRD800-
labeled T-tracts in 4% LPA in both pristine and LPA-passivated PMMA microdevices. 
  Under optimized conditions, ssDNA fragments were injected into the separation channel 
of a pristine PMMA device at 230 V/cm for 200 s and separated at 115 V/cm in a 4% LPA 
matrix (50° C) the results of which are shown in Figure 4.7A.  This run yielded efficiencies of  
Figure 4.7 Electropherograms of dye-labeled T-fragments in a 4% LPA gel separated in (A) 
a pristine PMMA microdevice and (B) a LPA-coated PMMA microdevice.  
Resolution increases between bases 102-104 from 0.24 for the pristine device to 
0.36 for the coated device. 

























































































3.39 x 105 plates/m  for base 122 and had resolution values of 0.24 between bases 102 and 104 
and 0.47 for bases 364 and 370. However, bases with single base-pair differences in length co-
migrated.  In comparison, the same fragments were loaded onto a channel coated with LPA 
(chemical) using the same conditions.  For base 122, we calculated an efficiency of 3.62 x 105 
plates/m and resolutions of 0.36 between bases 102 and 104 and 0.54 between bases 364 and 
370.  We observed a delay in migration times of later eluting peaks when compared with the 
pristine device and increased incidence of peak overlapping, possibly due to sample overload.  
We decreased the injection time to 100 s, keeping all other conditions constant, and obtained an 
improved electropherogram of the T-terminated fragments using the coated PMMA microdevice 
(see Figure 4.8).  With a decreased injection time, we calculated an efficiency of 3.91 x 105 
plates/m for base 122.  We also observed resolution of 0.37 between bases 102 and 104 and 0.64 
between bases 364 and 370. 
 In this same electropherogram, we began to see instances of single base resolution, 
specifically between bases 199 and 200 and bases 208 and 209, with resolution values of 0.18 
and 0.21, respectively.  The resolution observed was not attainable for all fragments with single 
base differences throughout this trace.  Further reductions in the injection time resulted in 
significant decreases in signal intensity and no improvement in the single base resolution was 
achieved, although the efficiency remained on par with other runs in the coated devices.     
 There are several reasons why we may still see limited instances of single base 
resolution.  During our optimization studies for our coating procedures, we focused 
predominantly on a reduction in the EOF in PMMA microdevices as our primary criteria.  
Whereas a reduction in the EOF was achieved, we were expecting a more hydrophilic surface 
than that obtained, and the slight hydrophobicity may still be attributing to our lack of single 
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Figure 4.8 Electropherograms of dye-labeled T-fragments in a 4% LPA gel separated in a 
LPA-coated PMMA microdevice.  DNA was injected at 230 V/cm for 150 s; 
resolution between bases 102-104 was 0.37 and the efficiency for base 122 was 
3.91 x 105 plates/m. 
   
base resolution, as ssDNA may interact with coatings possessing hydrophobic characteristics.  If 
this is the case, alternative polymers which are more hydrophilic may need to be incorporated 
into the coating procedure to effectively resolve these ssDNA fragments.45  The hydrophilicity 
may also be altered by the arrangement of the polymer units at the surface after modification.  A 
second possibility may be the thickness of our LPA coating.  Attempts to determine the thickness 
of the LPA layer grafted onto the surface of our microchannels were unsuccessful, however, it 
has been noted that when a coating is too thick, molecules may migrate back and forth between 
the interface of the coating and the sieving matrix, resulting in less than desirable electrophoretic 
performance.46  In aiming for the maximum reduction in EOF attainable using this coating 
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procedure, we may have polymerized the layer past its useful range for these types of 
separations.  Finally, the lack of separation may be due to our choice in sieving matrix.  Linear 
polyacrylamide has been highly effective in separating sequencing fragments past 1000 bases in 
length using capillary electrophoresis, and has been reported for successful determinations in 
microelectrophoresis devices, albeit only glass-based substrates.  Due to the surface interactions 
of this matrix with our polymer, as evidenced by its dynamic coating abilities (Section 4.3.4), the 
effectiveness of this polymer as a sieving matrix in PMMA devices may be limited.  Alternative 
matrices have been investigated, such as poly(dimethylacrylamide) (PDMA) – available 
commercially as POP-6TM – and newly developed “nanogels”.   
4.4 Conclusions 
 To fully realize the potential of polymer microfluidic devices for multi-dimensional 
analyses and for routine forensic and clinical studies, the reliability of the devices must be 
improved.  As well, automation of both single and modular devices requires that the performance 
be highly predictable.  To this extent, a novel mechanism to covalently anchor an LPA coating 
was employed to stabilize the electroosmotic flow of PMMA.  This coating also reduced the 
EOF by an order of magnitude, decreasing the analyte migration times.  We also found 
microdevices modified using this method demonstrate reliable performance even after two 
weeks, and reproducible results for at least 10 runs.  We also achieved a change in the 
hydrophilic state of the surface, which accounts for the improvements in resolution between 
fragments with single base-pair length differences.  We are currently investigating various 
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Purification and Concentration of ssDNA Fragments in  




 One of the major obstacles toward realizing total analysis on a microchip is 
implementation of multiple incubation, purification and pre-concentration steps required of the 
biological material.  Specifically, when initiating an experiment from cellular material – whether 
blood, saliva, or hair – several processes must occur including DNA extraction, amplification, 
purification, pre-concentration and finally, sequence or mutation analysis.  One drawback to 
utilizing a single planar device for these analyses is that intricate valving, pumping, and electrical 
circuitry must be included to operate the device independently on a single planar device, with the 
degree of engineering design increasing for high throughput measurements in which multiple 
analyses are carried out in parallel.  An alternative approach would be to incorporate the 
individual steps serially on application-specific devices in a modular format, such that valving 
would only be necessary when transporting the biological material from one device to the next 
hydrodynamically.  This would allow one to retain the ease of incorporating multiple channels 
for high throughput analysis of several samples simultaneously, while maintaining the flexibility 
of selecting optimal substrates for each individual application. 
 Numerous methods have been developed for each particular process involved in 
analyzing genomic DNA on a microfluidic platform.  For example, groups have been 
investigating ways to perform cell lysis on chip, including thermally controlled cell lysis 
reactors1 and electroporation of cells using microdevices.2  Following which, the DNA must be 
isolated from the other cellular debris and then amplified to increase the number of copies of the 
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input DNA.  The purification of the whole cell lysate prior to PCR is predicated on the fact that 
cellular content present in the cell lysate can interfere with downstream processing steps, such as 
PCR.3  This is accomplished through thermal cycling of a reaction mixture containing primers, 
dNTPs, enzymes, and labeling dyes; a process which has been extensively performed and 
optimized using microfluidic platforms.4, 5  Landers and co-workers suggested a large well in 
which the reaction cocktail was heated by a tungsten lamp to significantly reduce the time 
needed to complete a 15 cycle amplification to 240 seconds.6  Research groups are utilizing 
continuous flow systems in which the incubation time of the PCR cocktail at each temperature is 
adjusted by the flow rate of the material through the channel in which the number of cycles is 
determined by the number of loops the channel makes through isothermal temperature zones.7, 8  
Recently, Chen and co-workers have employed a synchronized cyclic channel in which a PCR 
cocktail is continuously driven electrokinetically through a single loop, and the time the cocktail 
remains in a temperature zone is governed by the applied field strength between several 
electrodes positioned along the loop.9   
 After amplification through thermal cycling, DNA must be purified to remove excess 
primer, dye, salts, enzymes and dNTPs, which may also interfere with the subsequent analyses.  
Traditionally, gel column filtration or ethanol precipitation is employed to successfully remove 
these contaminants.  However, these methods can only be performed off-line, making them 
difficult to integrate into microfluidic platforms.  Magnetic microbeads containing carboxylate 
functional groups have been highly efficient in purifying dye-labeled DNA sequencing 
fragments from reaction cocktails, however this method employs a magnetic capture, which 
would require additional external hardware for operation.  Our group previously reported solid-
phase reversible immobilization inside a polycarbonate (PC) microdevice containing surface 
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modifications, with the capture efficiency being limited by the surface density of carboxylate 
groups.10  More recently, groups have been implementing thermally responsive gels, and sol-gels 
for separation of DNA molecules from sample mixtures.11, 12  
 Electrophoretic sorting of DNA samples requires completion of the aforementioned 
sequence of steps prior to sample input to the separation channel.  In addition, to maximize the 
detection signal such as from fluorescence, attention must be given to the injection volume, 
which is typically on the picoliter scale when using microfluidic devices.  To alleviate placing 
severe requirements on the sensitivity of the detection method, concentration of the sample 
within the injection area defined by the channel geometry can be increased through pre-
concentration steps.  Many methods have been suggested for performing DNA concentration on-
chip including sample stacking, porous membranes structures, and monolithic porous 
polymers.13-18  These methods all capitalize upon electrokinetic migration of DNA sample 
through the microfluidic device.  The latter two methods successfully concentrated DNA by 
allowing ion transport through the porous material to direct the DNA to the concentration 
interface but prohibited fragment migration through pores which were much smaller than the 
DNA molecules.   
 This chapter presents research for optimizing separate platforms to conduct purification 
of DNA sequencing fragments and concentration of purified fragments.  Results obtained in the 
first device will demonstrate the ability to capture DNA fragments in an immobilization bed 
fabricated from polycarbonate.  The results obtained were analyzed using capillary 
electrophoresis.  The latter device, fabricated from PMMA was modified with a thermally 
responsive polymer, poly(N-isopropylacrylamide) (pNIPAAm) for pre-concentration of DNA 
fragments prior to gel microchip electrophoresis.  The results obtained will be useful for future 
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efforts to assemble the devices into a modular format for high-throughput sequencing of ssDNA 
fragments. 
5.1.1 Purification Methods for DNA Sequencing 
 There have been several studies which have shown the importance of removing excess 
dye-labeled primers, salts and template material from a sequencing cocktail in order to achieve 
successful separation of ssDNA sequencing fragments.19  Particularly for capillary gel 
electrophoresis, the salt concentration greatly affects the ability to load sample onto the 
capillary.20  When using dye-labeled primers and terminators for fluorescence analysis, removal 
of unincorporated dye must be accomplished so as not to “smear” the trace and reduce the 
accuracy in base calling.  To this extent, traditional off-line methods, such as gel filtration 
columns and ethanol precipitations, have been highly successful in purifying DNA fragments, 
however, these techniques rely heavily upon centrifugation methods.  The external hardware 
required for centrifugation as well as the increased volumes and reaction wells necessary for 
these techniques makes these methods difficult for on-chip incorporation.   
 A separate off-line technique relies upon immobilization of DNA fragments to 
superparamagnetic particles coated with carboxylate functional groups.21  This technique, solid-
phase reversible immobilization (SPRI), allows DNA fragments to associate with a carboxylated 
surface under conditions of high polyethylene glycol (PEG) and high salt concentrations.  The 
specific interaction of the DNA to the particles is believed to be through the carboxylate groups 
at the surface, however, removal of the surface iron groups has been noted to produce reduced 
yields.21  The addition of iron to the surface of the particles provides a multivalent cationic 
environment which improves DNA condensation by substantially neutralizing phosphate charges 
on DNA fragments, thus decreasing strong repulsive interactions.22  After extensive washing to 
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remove contaminants, the DNA is unbound from the particle surface with ddH2O and used in 
sequencing.  Based on this technique, a highly effective DNA purification kit has been developed 
by Agencourt Bioscience Corporation using an immobilization buffer containing tetra ethylene 
glycol (TEG) and carboxylated magnetic particles 1 µm in diameter.23  Although this method is 
amenable to high throughput sequencing applications, the bead capture is primarily an offline 
procedure; conversion to an on-chip method would require an electromagnet in or attached to the 
device for capture of the magnetic particles. 
 In this work, we continue our studies to optimize conditions for microdevice-based SPRI 
through analysis of results obtained in capillary gel electrophoresis as a precursor to separation 
of sequencing fragments on a microelectrophoresis device.  Previous studies demonstrated the 
use of direct injection methods from the immobilization channel after purifying dye-terminator 
sequencing products with a PC-SPRI device.  That study also evaluated the amount of DNA 
immobilized, and evaluated the efficiency of the purification method as compared to bead-based 
SPRI for slab gel separations.10  In addition, this study evaluated the efficiency for products 
constructed with dye-labeled terminator chemistry.  This work will evaluate the efficiency of the 
PC-SPRI device to purify DNA fragments polymerized with dye-labeled primer chemistry.  A 
comparison between the bead-based and the microdevice SPRI techniques for capillary 
electrophoresis of dye-primer products will be presented.  Purification of the Sanger DNA 
sequencing fragments was completed through a continuous hydrodynamic injection of the 
sample onto the UV-modified PC immobilization bed.  This allowed us to purify and collect a 
finite volume of DNA material with the modified microdevice in order to analyze the efficiency 
of the separation by CGE using traditional injection methods.  One drawback to this technique, 
however, is that a large amount of water – used to release immobilized products – must be 
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flushed through the channel.  To combine the purification device with the separation device 
presented in Chapters 3 and 4, we are concurrently incorporating a polymer graft in a defined 
region within the separation device to allow a much higher percentage of the transported sample 
to be concentrated prior to electrophoretic sorting.   
5.1.2 Sample Concentration Methods for Microelectrophoresis Separations 
 A separate area of investigation is on-chip concentration of DNA fragments.  A common 
approach to generating longer read lengths for DNA sequencing is to increase the signal intensity 
to better discriminate later migrating peaks with sufficient efficiencies and resolution.  As 
mentioned earlier, off-line SPRI can be utilized as a purification method as well as a pre-
concentration method, as it has proven successful for increasing read lengths for sequencing, 
generating increased photon counts, and in the case of fluorescence lifetime measurements, 
producing higher precision lifetime measurements.24-26  However, the off-line purification / 
concentration method is not amenable to fully automated microdevice analyses.  As discussed 
earlier, our lab is incorporating a UV-modified polycarbonate (PC) device with embedded 
immobilization posts for purification of dye-labeled ssDNA fragments through reversible 
immobilization, such that thermal cycled products (via PCR microfluidic devices) can be directly 
transferred to the purification bed, reducing sample contamination and loss due to the transfer 
process.  This method, however, does not concentrate the sample prior to use as effectively as the 
off-line SPRI procedure, as several volumes of ddH2O will typically be flushed through the 
immobilization bed prior to transporting the material to the separation channel.   
 There have been several methods investigated to concentrate biomolecules within a 
separation channel to improve the electrophoretic analysis.  Ramsey and co-workers incorporated 
a porous membrane structure within the microchannel to concentrate DNA within a defined 
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area.14  This was accomplished by bonding a thin polysilicate layer over two adjacent channels, 
allowing ionic current to pass through the membrane, but impeding the migration of larger DNA 
molecules.  This enabled a concentration increase of two orders of magnitude as assessed by 
peak intensities.  Lin and co-workers developed a microdevice with a thin-film electrode located 
at the T-intersection of the injection and separation channels.13  The DNA concentrates, or stacks 
itself at the electrode during injection, allowing for an increase in the detection signal of up to 
five times greater than samples analyzed with no pre-concentration.  A separate method 
introduced by Frechet and co-workers combines sample pre-concentration with solid-phase 
extraction (SPE) to capitalize upon pre-concentration methods in systems that are not 
electrokinetically driven.15  This method utilized a monolithic porous polymer covalently 
attached to a vinylized glass surface to extract and pre-concentrate molecules within an isolated 
chamber.  The ease of constructing the monolith was based upon UV-initiated polymerization of 
the material.  Although this method presented the pre-concentration of proteins and peptides, 
through selection of the appropriate monolith and eluant, the authors eluded that this technique 
could be used for a wide selection of molecules.   
In a similar fashion, we have previously utilized a thermally responsive polymer, poly(N-
isoproplyacrylamide) (pNIPAAm), grafted to PMMA surfaces to extract proteins from 
solution.27  Proteins demonstrated an affinity towards the pNIPAAm surface when the polymer 
was elevated to temperatures above its lower critical solution temperature (TLCST = 32° C) where 
the polymer chains are hydrophobic.  Since the pNIPAAm chains collapse while hydrophobic 
and expand or swell when it transitions to its hydrophilic state below its TLCST, DNA is expected 
to migrate through the modified regions when the pNIPAAm is hydrophilic and to have a 
retarded mobility when the pNIPAAm is hydrophobic.  Microscopy measurements were obtained 
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of electrokinetic movement of DNA molecules as they transition through the pNIPAAm-
modified regions of the PMMA microdevice.  The results obtained from these experiments will 
aid in optimizing pre-concentration conditions prior to coupling the SPRI-device with the 
concentration/separation device in a modular format.  This work will be incorporated into a total 
analysis device for DNA sequencing.         
5.2 Materials and Methods 
5.2.1 Preparation of DNA Samples  
 The labeling dye, IRD800 (Li-COR Biotechnology, Lincoln, NE), was used in these 
experiments; the dye possessed absorption and emission wavelengths of 780 and 810 nm, 
respectively.  The acid form of the dye was converted to a succinimidyl ester prior to covalently 
linking it to the 5’ end of an M13 forward (-29) sequencing primer (17-mer) through a C6 amino 
linker; the dye-labeled primer was purified by reverse phase HPLC.  Primer samples were 
concentrated from lyophilized product in distilled water and later diluted in the appropriate 
buffer for sample analysis. A modified procedure of that outlined for the Amersham 7-deaza 
primer cycle sequencing kit was used to prepare Sanger sequencing reactions using an M13mp18 
single-stranded DNA template.28  Thermal cycling was carried out in a Genius series 96-well 
thermal cycler (Techne Inc., Minneapolis, MN) using the following thermal cycling conditions 
(40 cycles): (i) 92 °C for 2 s; (ii) 55 °C for 30 s; (iii) 72 °C for 60 s, followed by a final extension 
step at 72 °C for 7 min.   
5.2.2 Microdevice Fabrication 
 For this work, two separate polymer microfluidic devices were employed and both were 
fabricated using methods reported previously.29  Briefly, the technique involved utilizes x-ray 
lithography to develop nickel mold masters for replication of device microfeatures through hot 
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embossing.  A PHI Precision Press (Model No. TS-21-H-C (4A)-5, City of Industry, CA) was 
used to hot emboss the microdevices.  For purification studies, a polycarbonate wafer (5 mm 
thick) (MSC Industrial Supply Co., Melville, NY) was hot embossed with the topography 
outlined in Figure 5.1.  The immobilization bed was 500 µm wide and 50 µm deep with a total 
bed length of 4 mm.  The bed was filled with an ordered array of microposts each having a 
diameter of 10 µm and spaced 10 µm apart.  The immobilization bed possessed a total available 
surface area of 2.1x107 µm2 and a net volume of 160 nL.  For the PC wafers, the embossing 











Figure 5.1 Optical micrograph of microfeatures embossed in PC used for solid-phase 
reversible immobilization of DNA fragments.  The enlarged section shows array 
of microposts within the immobilization bed.   
 
was then exposed to UV radiation as described below prior to thermal annealing at 154° C for 10 
min in a convection oven.  For the concentration studies, a simple channel, 25 µm wide by 100 







Metairie, LA) using the hot embossing method.  PMMA wafers (5 mm thick) were heated to 
155° C in the embossing press and held for 3 min under 1000 lbs of pressure.  The PMMA 
channels were subjected to a modification procedure described below prior to thermal annealing 
of a cover plate (0.5 mm thick) in a convection oven at 107° C for 12 min between two glass 
plates.         
5.2.3 Modification of Polycarbonate Channels for DNA Purification 
 The PC device was activated by exposing the embossed microfeatures to UV radiation 
(15 mW/cm2, 254 nm) (ABM Series 60 exposure system, San Jose, CA) for 20 min.  The 
photochemistry of polycarbonate in the mid-UV (254-300 nm) has been widely studied.30-33  At 
this wavelength, PC is known to undergo a photo-Fries reaction resulting in the formation of 
hydroxybenzophenones and phenyl salicylates.32, 34, 35  A possible reaction of the excited O2-
complex that is formed during the initiation step during photo-oxidation is to form a 
hydroperoxide via a caged mechanism, which can go on to form carboxylic acids as shown in 
Figure 5.2.  The formation of carboxylate groups on the surface of PC after direct exposure to 
UV provides the basis for DNA immobilization.  Following exposure the device was rinsed with 
10% v/v isopropyl alcohol, sonnicated in dH2O for 5-10 min and dried under a flow of N2.  A 
cover plate composed of PC (0.5 mm thick) was thermally annealed to the microdevice by 
heating in a convection oven at 144° C for 12 min between two glass plates.   
5.2.4 Purification and Separation of ssDNA Fragments 
 The success of sequencing ssDNA fragments is dependent upon the purity of the sample 
introduced to the separation column.19  It was necessary to remove excess salts and dye-labeled 
primer from the reaction cocktail described above.  To this extent, CleanSEQTM magnetic this 
study.  We followed the protocol given by the manufacturer for this purification procedure.   
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Figure 5.2 (A) Suggested mechanism for the photochemical modification of PC by  UV 
radiation, producing the Photo-Fries rearrangement.30  (B) One reaction of the excited O2-
complex is to form hydroperoxide through a caged mechanism.35 
 
Briefly, 20 mL of our ssDNA cocktail was added to a 10 mL aliquot of the CleanSEQTM buffer 
along with 72 mL of 85% EtOH in a microcentrifuge tube.  After a 3 min incubation period on a 
magnetic plate, the solvent was aspirated, and the magnetic particles were rinsed with 100 mL of 
85% EtOH for at least 30 s.  The beads were dried and resuspended in 20 mL of dH2O for later 
analysis.   
 In a separate purification protocol, a 10 µL aliquot of the CleanSEQTM buffer containing 
1 µm diameter magnetic particles was placed on a magnetic plate to capture the beads in 
solution.  The commercial buffer was aspirated, and the beads were resuspended in 20 µL of a 
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stock immobilization buffer.  The stock immobilization buffer consisted of a total concentration 
of 7% (v/v) polyethylene glycol (PEG), 0.9 mM NaCl and 43% (v/v) EtOH.  To this suspension, 
20 µL of dye-labeled DNA sequencing fragments (dye-primer chemistry) and 72 µL of 85% 
EtOH were added.  Following a 3 min incubation period, the beads were captured on a magnetic 
plate and the effluent was removed.  The beads were rinsed with 100 µL 85% EtOH; after 30 sec 
the solvent was aspirated and the beads were allowed to dry under ambient conditions.  The 
beads containing the purified ssDNA fragments were resuspended in 20 µL ddH2O for later 
analysis. 
 DNA fragments purified using our microdevice technique adhered to the following 
procedure.  The UV-modified PC device was filled with a cocktail containing 20 µL of dye-
labeled DNA sequencing fragments (dye-primer chemistry), 72 µL of 85% EtOH and 20 µL of 
the stock immobilization buffer.  The cocktail was then flushed through the channel at a rate of 5 
µL/min.  The effluent was retained, and the device was then rinsed with 100 µL 85% EtOH to 
remove any remaining impurities such as salts, dNTPs and excess dye-labeled primer, which 
may have been retained.  To remove the immobilized DNA fragments, 20 µL of ddH2O was 
flushed through the device and collected for later analysis.  
 After purification, the ssDNA fragments were separated using a Beckman Coulter CEQ 
8000 Genetic Analysis System (Fullerton, CA) equipped with an eight-capillary array and a four-
color filter wheel.  The reagents used were designed for this system and obtained from the 
manufacturer, including the Genome Lab Separation Gel – LPAI, which is a polyacrylamide-
based separation matrix containing urea.  In each sample well, 20 µL of the DNA sample was 
mixed with 10 µL of the sample loading solution (Beckman Coulter).  The capillary, which was 
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33 cm long (32 cm effective length), was held at 50° C during the separation.  The samples were 
loaded onto the capillary for 15 s at 2.0 kV and separated at 4.2 kV. 
5.2.5  Grafting of poly(N-isopropylacrylamide) to PMMA Microchannel 
 A mechanism to graft poly(N-isopropylacrylamide) (pNIPAAm) onto the surface of 
PMMA (Figure 5.3) has been adapted from procedures for grafting pNIPAAm on various 
surfaces through carboxylic acid moieties36-39 and described previously.27  In this method, 
PMMA microdevices were first cleansed by rinsing with isopropyl alcohol, followed by 
sonication in ddH2O.  After drying under a stream of N2, the PMMA microdevice was masked to 
expose only ~2 mm of the channel.  The microchannel was exposed to UV radiation (254 nm, 15 
mW/cm2) (ABM Series 60 exposure system, San Jose, CA) for 10 min to form carboxyl 
functional groups, after which the device was rinsed with 10% (w/v) IPA.  In a scintillation tube, 
the COOH-terminated PMMA device was incubated with 10 mM aqueous solution of Woodward 
Reagent K (WRK), 2-ethyl-5- phenylisoxozolium-3’ sulfonate (Aldrich) and allowed to stir for 
at least 30 min to activate the carboxylic acid groups.  The activated COOH-PMMA was then 
added to a 200 mM aqueous solution of 2,2’-azobis(2-methylpropionamidine) dihydrochloride 
(ABAH) (Aldrich) and stirred for 2 hr.  The ABAH is a free-radical-polymerization initiator and 
is tethered to the surface of the activated COOH-PMMA.  A 25% (w/v) solution of N-
isopropylacrylamide (NIPAAm) was prepared and purged under N2 for at least 12 hr, and the 
ABAH-terminated PMMA device was rinsed with ddH2O, dried and purged under N2 for 1 hr.  
To graft pNIPAAm from the surface, the 25% NIPAAm solution was cannulated over the purged 
device.  As the thickness of the polymer layer is time dependent, the polymerization was allowed 






























Figure 5.3 Schematic of pNIPAAm grafting method for concentration of DNA fragments.  PMMA is first carboxylated in the 
desired modification area by exposing to UV radiation.  The UV-modified area is then reacted with Woodward Reagent 
K (WRK) to facilitate the amine coupling with the free radical initiator 2,2’-azobis(2-methylpropionamidine) 
dihydrochloride (ABAH).  This modified surface is then reacted with N-isoproplyacrylamide (NIPAAm) and at 50°C, 

























































































































5.2.6  Microscopy Measurements of DNA/pNIPAAm Interactions 
 Observations of DNA migration through pNIPAAm-modified channels were performed 
using a Zeiss Axiovert 200M microscope (Carl Zeiss MicroImaging Inc., Thornwood, NY) 
equipped with an AxioCam MRm digital camera and a JAI CV 252 monochrome video camera 
capable of capturing 30 fps.  The images were captured directly to the hard drive of a Dell 
Precision 530 workstation via a Pinnacle Systems DV500 video capture card that was interfacd 
to a Pinnacle Systems Bluebox (Pinnacle Systems, Inc., Mountain View, CA).  The Bluebox 
served as a conduit for the video transfer to the computer.  Adobe Premiere 6.0 (Adobe Systems, 
Inc., San Jose, CA) was used for data acquisition and subsequent data processing.    
5.3  Results and Discussion 
5.3.1 PC-SPRI of ssDNA for Capillary Gel Electrophoresis 
 Solid-phase reversible immobilization (SPRI) has been demonstrated as an effective 
method for purifying DNA sequencing fragments prior to analysis in both a bead-based or 
microdevice format.10, 21  Hawkins and co-workers have presented this format for purifying dye-
labeled primer products with an immobilization buffer containing PEG and NaCl21 or for 
purifying dye-labeled terminator fragments with a buffer containing TEG and EtOH.24  The 
authors decided to switch to a buffer containing TEG and EtOH, due to the need for a buffer that 
would just as effectively precipitate and immobilize DNA on magnetic beads, but be much easier 
to remove during automatable washings.  The authors noted some common drawbacks to the 
different ingredients namely:  NaCl is a known inhibitor of electrokinetic injection; PEG, a 
highly viscous medium is difficult to remove from solution during automated washing; high 





terminators to immobilize on the magnetic particles, resulting in inhibition of electrokinetic 
injection as well as smearing of electrophoretic traces from these dyes.   
 In previous studies, the immobilization buffer from the CleanSEQTM kit (Agencourt 
Biosciences Corp.) was used to immobilize DNA fragments in the UV-modified PC 
microdevice, which were prepared using dye-terminator chemistry.10  Here, we utilize a 
combination of PEG and NaCl, as outlined for sequencing fragments polymerized with dye-
labeled primers, and added EtOH to increase the precipitation of shorter fragments (< 150 bases) 
during our purification.  Although reports have been made of DNA recovery with immobilization 
buffers consisting of 10% PEG with 1.25 M NaCl40 or 20% PEG with 2.5 M NaCl21, the high 
concentration of PEG required extensive rinses to remove the viscous solvent.  We found that a 
lower concentration of PEG, 7% v/v, was sufficient to immobilize DNA from the reaction 
cocktail.  In addition, the salt concentration was decreased to 0.9 mM NaCl and displayed very 
little effect on the injection and separation.  However, to ensure effective immobilization of 
smaller fragments, we incorporated 43% EtOH into our immobilization buffer. 
 As demonstrated in Figure 5.4, the separation of an IRD800-labeled G-terminated ssDNA 
trace is shown using various forms of purifications.  The top panel, A, shows an unpurified trace, 
with resolution between bases 172-173 being 0.84 and the efficiency, N, for base 120 was        
7.1 x 106 plates/m.  Additional values for resolution and efficiency are summarized in Table 5.1.  
As a point of reference, we purified an identical trace using the CleansSEQTM commercial kit 
(Figure 5.4B).  The SPRI purification resulted in an increase in signal intensity twice that of 
unpurified fragments, an increase in the resolution between bases 172-173 to 1.1 and in the 






Figure 5.4  Capillary electrophoresis results obtained for IRD800-labeled G-terminated 
sequencing trace prepared using dye-labeled primer.  (A) Unpurified sample from 
cycle sequencing reaction. (B) Sample purified using CleanSEQTM kit. (C) 
Sample purified using beads from CleanSEQTM kit and PEG/NaCl buffer. (D) 
Sample purified using UV-modified PC-SPRI device and PEG/NaCl 
immobilization buffer.  All samples were  injected for 15 sec at 2.0 kV and 
separated at 4.2 kV on a 33 cm capillary heated to 50° C and filled with an LPA 
matrix.  Only 40 min of data collection is shown. 

































larger fragments, with N = 10 x 106 plates/m for base 611, compared with the unpurified 
fragments (see Table 5.1).   
 To test the efficacy of our immobilization buffer. which contained PEG, NaCl, and EtOH 
to that of the commercial kit, which contained TEG and EtOH, we aspirated the immobilization 
buffer from the bead solution and mixed the magnetic particles with the same volume of our 
immobilization buffer and followed the protocol used in the commercial separation.  We 
obtained results demonstrating an increase of intensity of 1.8 times over that of unpurified 
fragments (Figure 5.4C).  The resolution using this method of purification increased as well, with 
R = 0.95 between bases 172-173, and N = 8.0 x 106 plates/m for base 120.  These results, 
although not as significant as the commercial kit, still represented a significant improvement in 
the electrophoretic separation after purification, particulary in the resolution values between 
fragments with single base differences in length.   
 
Table 5.1 Summary of results obtained during capillary electrophoresis separations of 
ssDNA fragments purified by SPRI methods shown in Figure 5.4. 
 









Unpurified 0.84 7.1 x 106 0.38 5.8 x 106 
Purified 
CleanSEQTM kit 
1.1 9.0 x 106 0.56 10 x 106 
Purified 
CleanSEQTM beads / 
PEG/NaCl buffer 










 We then used this immobilization buffer to bind ssDNA fragments to the carboxylated 
surface of UV-modified PC.  We obtained a resolution of 1.2 between bases 172-173 and N = 6.9 
x 106 plates/m for base 120.  Previously, an efficiency of 4.5 x 106 plates/m was obtained using 
direct injection methods after purification with the SPRI device and a TEG/EtOH immobilization 
buffer.10    
 For this procedure we did not observe an increase in signal intensity over the unpurified 
fragments (Figure 5.4D); the unpurified sample had a signal intensity approximately 0.3 times 
greater than our purified samples in this instance.  We believe there may have been a significant 
amount of DNA that was not immobilized under continuous flow conditions (which was 
observed during microscopy measurements of genomic DNA migrating in the channel, data not 
shown), so we electrophoresed samples from the eluant obtained during the initial 
immobilization as well as the eluant recovered during the EtOH wash.  For comparison, we also 
ran samples of eluants recovered during purification of DNA using the CleanSEQTM kit. 
 As shown in Figure 5.5, the first eluant obtained using the SPRI device (B) containing 
excess reagents and the PEG/NaCl/EtOH buffer showed very little evidence that the DNA had 
been flushed through the channel without immobilizing.  The second eluant (C) containing EtOH 
and other contaminants only showed evidence of the dye-labeled primer being present in the 
electropherogram.  After separation of a sample obtained from the first eluant of the commercial 
kit (E) containing excess reagents and the TEG/EtOH buffer, a relatively small amount of DNA 
is present, compared to the purified sample (D).  Although the authors have reported > 80% 
recovery using the PEG-based immobilization buffer, there is no report of the recovery using the 
TEG-based buffer, only a reference to extended read lengths, indicating improved 






Figure 5.5 Electropherograms obtained of sequencing traces and eluants during purification 
of IRD800-labeled G-terminated products.  Top box: (A) Purified sample using 
UV-modified PC-SPRI device, (B) Sample injected from 1st eluant, (C) Sample 
injected from 2nd eluant.  Bottom box: (D) Purified sample using commercial 
CleanSEQTM kit, (E) Sample injected from 1st eluant, (F) Sample injected from 
2nd eluant.  Run conditions are same as in Figure 5.4; 20 µL aliquots of samples 
are used in all cases; samples were spiked with free dye as a marker in the event 
eluants showed no presence of DNA material. 
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contaminants, gave an electropherogram similar to that of our SPRI microdevice (C), in which 
the dye-labeled primer but very few fragments are present.   
 From these results, it was determined that the loss in DNA recovery was not due to a high 
sample loss during the immobilization phase as was initially suspected.  Rather, the loss of DNA 
sample separated after purification was attributed to a significant amount of DNA being retained 
on the immobilization surface during the release phase with dH2O.  For these experiments, the 
final sample volume was kept constant to eliminate any variance due to sample concentrations.  
The previous report injected DNA directly onto the gel filled capillary by inserting the cathodic 
end into the microdevice reservoir.  To improve these results, we have several options:  increase 
the incubation period to release the immobilized DNA into the appropriate solvent, or increase  
the total volume of solvent flowing through the immobilization chamber to release more DNA 
material.  Fortunately, an alternative option for increasing the amount of DNA released will be to 
electrokinetically migrate the DNA from the immobilization chamber onto the separation 
channel.  When injecting for long periods of time, as was done in the previous report, the DNA 
will stack at the cathodic end of the capillary prior to separation.  Typically, when injecting 
samples onto a microdevice separation channel, the sample will continue to move through the 
defined injection zone onto the waste reservoir during long injection times.  However, our future 
studies will couple this device to a separate microelectrophoresis device in which a polymer plug 
will be grafted in the injection zone to concentrate the purified DNA sample prior to 
electrophoretic separation.   
5.3.2  Concentration of DNA Fragments for Microelectrophoresis Separations 
 Transporting DNA material from the immobilization bed to a microdevice with a 





Since the separation channel will be filled with a gel matrix, electrokinetic movement is the only 
plausible method to introduce the purified fragments into the separation channel.  However, 
previous studies have shown decreased efficiencies  and shorter read lengths for traces purified 
using the PC-SPRI device mentioned above when injecting directly from the immobilization bed 
to the separation channel.10  In an effort to circumvent the poor electrophoretic performance 
using direct injections from the immobilization bed, which requires much longer injection times 
and increases the variance due to the finite injection volumes,10 a polymer plug was grafted in 
the separation microdevice and its ability to concentrate DNA was investigated.   
 We investigated the use of pNIPAAm grafted onto a PMMA surface for concentrating 
DNA fragments within a defined region.  The procedure to graft pNIPAAm was outlined earlier 
in Figure 5.3.  The microelectrophoresis device consisted of injection and separation channels 25 
µm in width and 100 µm in depth embossed in PMMA (see Figure 2.10).  After polymerizing 
NIPAAm at the cross section for 20 min (Figure 5.6A), we obtained a polymer partially filling 
the channel width, as shown in Figure 5.6B but confined to the area that was UV-modified 
(Figure 5.6C).  Previous reports have polymerized NIPAAm at 50° C for ~ 2 min but did not 
report the thickness of the pNIPAAm film grafted at the surface of carboxylated PMMA.27  A 20 
min polymerization time was chosen for this application to ensure polymer growth within the 
channels while limiting the amount of non-specific polymerization within the separation channel 
and other areas of the microdevice, which have not been UV- modified but still contain 
carboxylic acid functional groups at the surface.  After modification, a cover plate was thermally 
annealed to the microdevice as described previously (107° C, 12 min).  We observed no change 





as the pNIPAAm area retained contact angles of 51° below its LCST (at 22° C) and 71° above its 
LCST (at 40° C).  
 
Figure 5.6 Images of pNIPAAm modified regions on PMMA microelectrophoresis devices.  
(A) Picture of microelectophoresis device with the modified region at the 
injection cross section (outlined in red) demonstrating concentration area; (B)  
Image of pNIPAAm grafted in the channel area (channel outlined in red) after a 




 We used a 1µM sample of λ-DNA labeled with YO-PRO-1 (λex = 488 nm) intercalating 
dye to image concentration effects at the polymer juncture.  Using the microdevice with 25 µm 
widths, the polymer grafted onto the channel walls, but did not completely fuse together, as can 
be seen in Figure 5.7A.  Typically, pNIPAAm-modified surfaces are incubated in solutions of 
the desired biomolecule, however, in this instance we electrophoresed the DNA through a 
modified channel using 1 X TTE buffer.  Figure 5.7B shows the dye-labeled DNA as it migrates 









Figure 5.7 Observations of fluorescently labeled λ-DNA as it is electrophoresed through a 
pNIPAAm-modified region of a PMMA microchannel at 25°C.  (A) Brightfield 
image of pNIPAAm in the channel area; (B) Labeled DNA migrating through 
modified region of channel showing no concentration of DNA at pNIPAAm 
surface; (C) DNA as it traverses through pNIPAAM in areas above the channel 
region.  All images were obtained using 40X magnification and electrophoresed at 
200 V/cm in 1 x TTE buffer.    
 
molecules did not show any significant interaction with the responsive polymer when it was in 
its hydrophilic state at 25° C, a temperature below its LCST.  Since the porous polymer allowed 
ion transport, we observed the fluorescent DNA pass through pores well above the channel 
region.  (Figure 5.7B)  We were able to discern that when interacting with pNIPAAm below its 
LCST, very little concentration effects will occur, as the DNA will travel through or around the 
modified regions.    
 We next observed the interaction of DNA with pNIPAAm in its hydrophobic state (~50° 
C) under similar conditions as above.  In this instance, some concentration was observed once 
the DNA passed through the pNIPAAm plug as seen in Figure 5.8B.  The DNA, in free solution, 
took almost 60 s to concentrate at the polymer interface before showing a noticeable change in 
the fluorescence image at 40X magnification.  However, a significant amount of DNA was still 
observed to migrate through the channel and aggregate along the channel walls.  After removing 
heat from the system and allowing it to cool to 25°C, the concentrated DNA passed through the 
area after ~ 30 s (Figure 5.8C).  There are, however, several drawbacks when using this method.  





The first is once the buffer is heated, there are bubbles which consistently form in the channel 
after ~2 min of operation prohibiting migration of the DNA molecules; albeit this may be 
irrelevant when incorporating a gel matrix into the system since the occurrence of electroosmosis 
is less frequent in viscous mediums.  The second is upon returning the pNIPAAm to its 
hydrophilic state, the DNA molecules are slow to release into solution, making it difficult to 
immediately switch to a separation phase after concentration.  
 
Figure 5.8 Observations of fluorescently labeled λ-DNA as it is electrophoresed through a 
pNIPAAm-modified region of a PMMA microchannel at 50°C.  (A) Image of 
channel prior to electrophoresis of DNA; (B) Labeled DNA concentrating at the 
pNIPAAm plug after 60 s; (C) DNA finally passes through pNIPAAm plug after 
allowing the modified area to return to room temperature.  All images were 
obtained using 40X magnification and electrophoresed at 200 V/cm in 1 x TTE 
buffer.  
 
5.4  Conclusions 
 The progression of total analysis on a chip formats depend upon multiple integral 
components functioning with minimal user interventions.  In this work, we have presented work 
in the development of two separate polymer microfluidic devices for incorporation into a 
modular format.  In the first device, an immobilization bed was embossed into PC and modified 
using UV radiation to produce a carboxylated surface for solid phase reversible immobilization 
of DNA fragments.  The device is successful in purifying ssDNA, as improvements are seen in 
the efficiencies and resolution of a near-IR dye-labeled G-terminated sequencing trace.  





Although our recovery is lower than desired after releasing the DNA fragments from the surface 
with dH2O, we speculate that when transferring the material from the PC-SPRI device to the next 
device for concentration, limitations on the volume to release DNA under continous flow 
conditions will be null. 
 We have also demonstrated a qualitative assessment of the performance of a 
concentration barrier, formed by grafting pNIPAAm within microchannels embossed in PMMA.  
As our data shows, DNA will aggregate at the interface of the medium / pNIPAAm within the 
device when the polymer plug is held above its LCST (> 32° C) during electrophoresis of the 
sample, although the concentration was not as significant as speculated.  The concentrated DNA 
can be directed to the separation channel by adjusting the temperature of the polymer plug below 
its LCST (< 32° C) after an extended period of time.   
 This polymer has been shown to be highly effective at capturing protein molecules in 
solution.  In order to be just as effective in capturing DNA molecules, for concentration 
purposes, it may be necessary to introduce an anionic modifier to the NIPAAm solution prior to 
polymerization.  In addition, the buffer conditions may need to be adjusted to release the DNA 
molecules from the surface at a faster rate prior to any separation.  This may present a challenge, 
since the buffer used here is the same utilized in the gel matrix for separations, thus making it 
difficult to change the conditions at the interface without altering the separation medium. 
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Chapter 6  
Summary and Future Directions  
 
6.1  Summary 
 Microsystems targeted for DNA sequencing, especially those focused on electrophoretic 
separations, are rapidly proving their viability to genomic research, somewhat mimicking the 
progress made when capillary electrophoresis developed from miniaturizing slab gel 
electrophoresis.  Capillary array electrophoresis methods are useful in highly multiplexed 
applications, and offer high throughput analysis.  Yet, for total analysis systems, sample transfers 
from instrument to instrument to process the sample can introduce cross-contamination and in 
some cases requires offline sample transport and introduction.  The development of micro-total 
analysis systems may alleviate these concerns.   
 To form a system truly capable of handling all aspects of genomic and proteomic 
analyses, development of integrated systems is pertinent.  In Figure 6.1, our total-integrated 
system includes whole cell lysis and transport, amplification of genomic and/or proteomic 
material, isolation of the desired analytes, sample labeling, purification and finally sorting via 
electrophoresis.  The basis of this work relies intricately on the interconnection between 
individual devices as well as fast operation of the electrophoresis parameters required in each 
aspect of the analysis.  Previously in our group, we have presented work in which conductivity 
detection in a polymer microdevice efficiently detected both genomic – DNA products from 
PCR reactions – and proteomic – peptide fragments and amino acids – material without the 
offline labeling procedures required for fluorescence detection.1  We have also developed 






Figure 6.1 Schematic of a modular microfluidic device integrating various components 
involved in total analysis of DNA material, from sorting in a titer plate, followed 
by PCR amplification and purification of extracted material, cycle sequencing of 
DNA material, purification and sequencing of DNA fragments.  The detection 
method, fluorescence lifetime discrimination, will be incorporated via a two-color 
scanner for high-throughput analysis of multiple-channel microchip 
electrophoresis devices. 
 
reaction channel with sample transport being driven hydrodynamically or a compact, 
electrokinetically synchronized PCR reaction channel which is operated by electrokinetic 
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efficiency for amplification as compared to benchtop thermocyclers while reducing the total time 
to complete the PCR reaction.      
The work presented in this document represents several aspects of the total analysis 
system.  In Chapter 1, background information was presented showing the evolution of science’s 
knowledge of DNA, from its initial discovery to the drafting and completion of the human 
genome sequence.  Theoretical aspects of electrophoresis, the method of choice for separating 
the billions of nucleotide bases comprising the human genome, were presented for the three 
available formats required for the back-end processing, slab gel, capillary, and microchip 
electrophoresis.  Also presented was a discussion of fluorescence spectroscopy, the most 
common method for detection of sequencing fragments with an emphasis on fluorescence 
lifetime discrimination methods. 
Being the more recent separation platform available for electrophoresis, the commercial 
availability of microchip electrophoresis devices remains relatively limited.  Chapter 2 was 
dedicated to fabrication methods of microchip electrophoresis devices in polymer substrates.  As 
the choice of materials is vast, both in the class of specific polymers available and in the 
commercial grades of particular polymers, some focus was given to the choice and compatibility 
of PMMA – the primary substrate for DNA separations in this work – with our fluorescence 
lifetime detection instrument.  Although multiple methods were briefly discussed for 
microdevice fabrication, the work presented here was conducted in devices hot embossed with 
mold masters fabricated by either LiGA or micromilling.  A comparison of results obtained in 
devices embossed with both mold masters demonstrated the interchangeability of the two 





Chapter 3 built upon results in the previous chapter by demonstrating discrimination of 
near-IR labeled DNA primers based upon fluorescence lifetimes when separated in microchip 
electrophoresis devices.  The accuracy and precision of the dye-labeled primers was 
demonstrated to discern the influence of PMMA as a substrate material to the discrimination 
method.  The separation performance of single-stranded DNA labeled with near-IR dyes was 
evaluated for potential use of the polymer-based microchip electrophoresis devices as a 
separation platform for DNA sequencing. 
As mentioned in earlier chapters, electrophoresis has typically been carried out in glass-
based substrates for all three separation platforms.  This is due to the extensive study of glass-
based substrates and the well established surface functionality, interaction and performance, 
particularly to enhance modifications for improving biomolecular separations.  Polymer-based 
microdevices have been presented as a less expensive alternative to glass-based devices; 
however, reports on the surface characteristics and interactions have been less extensive.  
Chapter 4 presented a scheme to modify the surface of PMMA through chemical and 
photochemical methods in an attempt to improve ssDNA analysis.  The end-result, a LPA-
modified PMMA surface was shown to have a reduced EOF, increased efficiencies and 
improved reproducibility in analyte migration time in comparison to results obtained in pristine 
PMMA.  Very slight improvements have been demonstrated for ssDNA analysis, where 
resolution between fragments with single base-pair differences in length is pertinent for DNA 
sequencing.  Optimization of separation conditions, including matrix selection and alternative 






As part of the total analysis system being developed in our laboratories, there are several 
aspects still requiring investigation, including sample purification and concentration prior to 
separations outlined in Chapters 3.  In Chapter 5, separate microdevices were presented:  one 
device hot embossed in polycarbonate (PC) and modified using UV irradiation to produce 
carboxylate groups at the surface.  These functional groups served as a solid phase reversible 
immobilization surface to capture DNA fragments during removal of excess salts and dye from 
the sample.  Previously in our group, we reported the use of this device to purify Sanger 
sequencing fragments constructed with dye-labeled terminators.4  These fragments showed an 
increase in efficiency for fragments purified with the PC microfluidic device after separation by 
capillary electrophoresis.  The data shown in this document represented the use of the device to 
purify fragments constructed with dye-labeled sequencing primers.  Unfortunately, the results 
shown here did not have the same increase in efficiency over unpurified fragments, possibly due 
to a higher degree of DNA material that was not immobilized under our continuous flow 
conditions with our immobilization buffer; the previous work used a commercial immobilization 
buffer during a 2 min incubation period in the immobilization chamber. 
The second device presented in Chapter 5 incorporated a thermally responsive polymer, 
poly N-isopropylacrylamide (pNIPAAm), grafted onto the surface of UV-modified PMMA to 
serve as a concentration medium for DNA sequencing fragments.  Previous reports in our group 
utilized the effectiveness of pNIPAAm to capture and release proteins from a sample suspension 
by changing the hydrophobicity of the polymer grafted onto sheet PMMA.5  The results in this 
chapter showed an adaptation of the use of this polymer for capturing and releasing DNA 
fragments when changing the temperature from above its TLCST (32°), where it exhibits a 





defined region with the microfluidic channel, the DNA mobility was retarded at the polymer 
interface when electrokinetically injecting the sample plug through a continuous flow region.  By 
incorporating pNIPAAm into the PMMA microfluidic device used for electrophoretic sorting, an 
increase in fluorescence signal can be gained from concentrating the DNA fragments.   
 6.2  Future Work 
  Future work needs to be directed toward incorporating these techniques into a modular 
system for total analysis of DNA material.  As shown in Figure 6.1, after conducting Sanger 
cycle sequencing to construct ssDNA fragments, the purification device, hot embossed in PC, 
will be coupled by capillary interconnects to purify the sample prior to sequencing.  In this work, 
we have shown that the use of a polymer device for purification of Sanger cycle sequencing 
fragments constructed from near-IR dye-labeled primers has not been as successful as it has been 
for fragments constructed from near-IR dye-labeled terminators.  Given that one of the 
advantages of the reversible immobilization technique is an easy release of the DNA material by 
water, an unfortunate consequence of the method is that larger volumes (~100 µL vs typical 
sample load volume ~5 µL) are required to release and transport the material from the 
purification microfluidic device to the separation microfluidic device, thereby diluting the 
concentration of the sample.  To ensure further constraints are not placed upon our detection 
format by decreasing the fluorescence signal and thereby decreasing the precision of the lifetime 
analysis.  To decrease the error in assigning a lifetime value to each electrophoretic peak, it is 
advantageous to increase the concentration of each fragment separated.  To this extent, a polymer 
plug formed by grafting pNIPAAm to the surface of PMMA will be incorporated in the injection 





 The work presented in these chapters has focused primarily on single trace analysis, in an 
effort to optimize separation conditions for microfluidic analysis off ssDNA.  One ultimate goal 
of our research group, however, is to couple a previously reported two-color four-lifetime 
instrument, which has been converted into a compact scanner, for high-throughput, multiplexed 
analysis of ssDNA within the modular microfluidic system.  By operating in a scanning mode, 
the system can analyze ssDNA material in multiple separation channels, increasing the 
throughput of the modular system.  In addition, the scanning instrument will be capable of 
discriminating near-IR dye labeled DNA bases based upon their corresponding fluorescence 
lifetime values as well as detecting dye-labeled DNA ladders and proteins based upon their 
fluorescence signal.    
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